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The main focus of this thesis centers on the development of stimuli-responsive hydrogels
that

have

utility

for

pH-responsive

valves,

biomacromolecule

sensing,

irreversible

biomacromolecule immobilization, and reversible biomacromolecule immobilization.

Each

system discussed has its function derived from a novel fabrication protocol or through the
development of new hybrid polymer biomaterials. Molecular sensing was accomplished by
preparing crosslink-cleavable hydrogels with progressively more complex recognition elements.
Initial work investigated the swelling kinetics of disulfide crosslinked hydrogels as a model
system for protease responsive hydrogels. More complex peptide-containing hydrogels that have
utility for biomacromolecule detection, were then prepared using a novel disulfide-exchange
protocol for the preparation of methacrylamide containing peptides. Utilizing this protocol,
methacrylamide containing peptides that were responsive to α-chymotrypsin (CKYC) and
botulism neurotoxin (CSNKTRIDEANQRATK{Nle}LC) were successfully synthesized and
copolymerized into a polyacrylamide hydrogel network. When exposed to buffered solutions
containing their sequence specific protease, the hydrogels were completely dissolved. Hydrogels
capable of covalent and reversible biomacromolecule immobilization were also developed.
Covalent attachment of proteins and lipids to a pH-responsive scaffold was accomplished
through a mild oxidation of glycerol monomethacrylate-co-acrylic acid hydrogels, followed by
chemoselective ligation of aminooxy, hydrazide, or amine functionalized molecules. Using this
strategy, fluorescently labeled proteins as well as lipids that can maintain a chemical gradient
between the inside and outside of the hydrogel were prepared. Finally, design elements for
surface-immobilized temperature responsive hydrogels that have utility for reversible
biomacromolecule immobilization were investigated. Atom transfer radical polymerization was
used to grow poly(N-isopropylacrylamide) polymer films from surfaces with varying densities of
initiator. The lower critical solution temperature behavior for films of varying thickness and
grafting density was quantified. Finally, the appendix describes a silica colloid system that
undergoes a charge reversal once exposed to UV light. Such systems should be useful for in situ
modification of colloidal particles, a technique not currently available.
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Chapter 1
Introduction
1.1

Biomaterials
The term “biomaterial” refers to any material that is in contact with a biological fluid or

tissue and is used for diagnostic or therapeutic applications. Stainless steel, originally developed
in 1929 as a non-corrosive metal, was employed for hip replacement surgery in 1938 and is
considered to be the very first biomaterial. Similarly, most original biomaterials were adapted
from commercially available materials (such as commodity plastics and textiles) and applied to
biomedical applications.1 Because the materials were not specifically designed for a given
purpose, the materials were limited in their utility and often caused complications.2 Over the last
20 years, however, biomaterials have been rationally designed to accomplish specific functions
while controlling biological interactions such as non-specific adsorption of biological species.3,4
Today, an enormous fraction of biomaterials research focuses on polymeric systems.5
Polymers are beneficial to biomaterial design because their properties are easily changed by
altering the polymer’s composition, molecular weight, crosslinking density, or production
processing.

Of the polymers being developed, hydrogels have shown the most promise.6

Hydrogels are typically referred to as three-dimensional crosslinked polymer networks that can
adsorb large quantities of water without dissolving. The hydrophilic nature of the hydrogels
makes them an excellent scaffold for biological applications mainly because they have been
found to reduce non-specific immobilization of biological agents7,8 and can respond to external
agents and become a “stimuli-responsive” material.4,6,9

1.2

Stimuli-responsive hydrogels
Stimuli-responsive hydrogels have earned the reputation of “smart materials” due to their

unique ability to change volume or shape in response to environmental signals.5,6 Hydrogels
have been developed that display sensitivity towards a broad range of chemical or physical
stimuli including pH,10 solvent composition,11 temperature,12 light,13 electric field,14 glucose,15
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and more recently, biochemical pertinent agents such as proteases,16-20 nucleotides21 and
antibodies.22

Because the stimuli triggered volume response can be harnessed to perform

mechanical work, stimuli-responsive hydrogels have potential applications in controlled drug
delivery devices,23-25 biosensors,21,22 and scaffolds.1
The stimuli-induced volume change usually arises from one of three major mechanisms:
(1) changes in osmotic pressure or charge density (i.e., pH-responsive hydrogels); (2) changes in
solvent affinity of the polymer backbone (i.e., temperature-responsive hydrogels); or (3) changes
in the polymer crosslink density (Figure 1). Of these systems, pH-responsive hydrogels have
been most extensively studied. These materials usually contain acidic or basic pendent groups,
such as carboxylic acids or tertiary amines. The pH-dependent ionization of the pendent groups
generates fixed charges on the polymer backbone (Figure 1, top). Water diffuses into the
hydrogel to lower the internal osmotic pressure caused by the fixed charges, which is the basis
for

hydrogel

expansion.

For

temperature-responsive

hydrogels,

such

as

poly(N-

isopropylacrylamide) (PNIPAM), the polymers contain both hydrophobic and hydrophilic
segments (Figure 1, middle). At low temperatures the hydrophilic portions of the polymer
dominate and allow the adsorption of water. Once the temperature of the bathing solution
increases above the lower critical solution temperature (LCST), however, the hydrophobic
interactions become stronger causing a strengthened interaction between polymer chains. The
collapse of the polymer chains lead to a shrinking of the hydrogel structure and the expulsion of
water. Volume transitions can also arise from changes in hydrogel crosslink density (Figure 1,
bottom). Because the hydrogel’s structural rigidity is based on the crosslinking of polymer
chains, the cleavage of the crosslinks can lead to a swelling or complete dissolution of the
hydrogel.

The crosslink density approach has provided the greatest opportunity for

biomacromolecule sensing.
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Figure 1. Generic
ionizable groups for
responsive hydrogels
responsive hydrogels
composition.

representation of stimuli-responsive hydrogels. The incorporation of
pH-responsive hydrogels (top), hydrophobic residues for temperature
(middle), or crosslink cleavable monomers for chemical or biochemical
(bottom) can be achieved through simple modulation of the monomer
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1.3

Biomacromolecule sensors
Stimuli-responsive hydrogels provide an excellent platform for biomacromolecule

detection. Because the hydrogels are composed of hydrophilic polymer networks, non-specific
immobilization of proteins and cells is rare. Hydrogels can also provide a macroscopic readout
(swelling) for a microscopic event (agent detection) and therefore have utility for portable
detection devices that do not require power sources.25 To create biomacromolecule sensors, the
hydrogels must be engineered to interact with a biological source in a beneficial manner. The
typical hydrogel design strategy is to incorporate a crosslink that can either be hybridized to
(DNA or antigen responsive) or cleaved by (protease responsive) a biomacromolecule. For
example, the disruption of non-covalent interactions was exploited for inducing a volume change
in an antibody-responsive hydrogels.22 An antibody and its antigen were independently grafted
to a polymer network so that a non-covalent crosslink would form once binding occurred.
Introduction of free antigen into the system initiated competitive binding with the antibody,
which disrupted the non-covalent crosslinks and caused the hydrogel to expand. For protease
responsive hydrogels, tailored peptide sequences are incorporated into the matrix.16,17,19,20 In the
presence of a specific protease, the peptide linkages are cleaved causing the hydrogel to swell or
dissolve.

1.4

Biomacromolecule immobilization
Irreversible protein immobilization (or biofouling) is a constant plague of surface

design.26

Hydrophobic surfaces are most affected because they provide an environment for

proteins to project their hydrophobic residues onto. Biomacromolecules are often irreversibly
bound in a non-specific conformation because the energetics of immobilization are so great. Of
the methods to reduce such binding events, hydrophilic polymers such as polyethylene glycol
(PEG) have been routinely used.7,8,27,28 When coated on a surface, PEG provides a low surface
energy barrier that inhibits the non-specific adsorption of biological fluid species. Alternatively,
tailoring hydrophilic polymers with reactive functionality allows specific covalent binding of
proteins to a surface.29,30 These systems have applications including high-throughput proteomic
4

arrays, directed cell adhesion, and biosensors.31,32

Because covalent attachment of

biomacromolecules are not always desirable, recent work has focused on reversible
immobilization through temperature responsive surfaces composed of PNIPAM.33-35 PNIPAM
undergoes a conformational change at a lower critical solution temperature (LCST) of around 32
°C. Below the LCST the polymer chains are highly water swollen and behave similar to PEG for
the inhibition of biomacromolecule immobilization. Above the LCST however, the polymer is
considered hydrophobic due to chain collapse and expulsion of water from the polymer structure.
The change in polymer conformation above the LCST was shown to promote immobilization of
globular proteins.31,32

Because the PNIPAM can be reversibly switched above and below its

LCST, proteins can be reversibly bound to the surface.

1.5

Thesis organization
This thesis describes the development of biomaterials based on advanced stimuli-

responsive hydrogels that have utility for pH-responsive valves, biomolecule sensing,
irreversible

biomacromolecule

immobilization,

and

reversible

biomacromolecule

immobilization. Each topic described has its function derived from a novel fabrication protocol
or through the development of new biomaterials. Chapter 2 focuses on the in situ fabrication of
polymeric structures, including dual pH-responsive valves. The fabrication technique is so
universal that a scaled up version of the process is also described. The scaled up experiments
can be used for classroom or community outreach demonstrations to prepare macroscopic
polymer silhouettes. Chapters 3 and 4 describe the preparation of crosslink cleavable hydrogels.
Specifically, Chapter 3 details the construction of disulfide crosslinked hydrogels that can be
swollen in response to a chemical trigger. The chemical responsive hydrogels provided an
excellent model and starting system for the further development of biomacromolecule responsive
hydrogels.

In Chapter 4, a novel disulfide exchange reaction is disclosed that allows the

preparation of methacrylamide containing peptide crosslinkers. Using this strategy, hydrogels
that were responsive to α-chymotrypisin and botulism neurotoxin, a potential biological war fare
agent, were prepared. In the final two chapters, strategies for biomacromolecule immobilization
(covalent and non-covalent) are described. Chapter 5 describes the preparation of pH-responsive
hydrogels that can conjugate proteins and other biomolecules to their surfaces through
5

chemoselective ligation. Chapter 6 describes the formation and systematic study of temperature
responsive PNIPAM films on gold surfaces that may be used for reversible biomolecule
immobilization by cycling above and below the lower critical solution temperature (LCST) of
the hydrogel film.
The appendix describes research that does not fit into the main theme of this thesis. In
Appendix A, a silica colloid system that undergoes a charge reversal once exposed to UV light is
described. These systems may have utility for applications that require colloids to switch phase
behaviors in situ.
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Chapter 2
In Situ Photopolymerization of Microfluidic Hydrogels*
2.1

Introduction
The preparation of functional materials inside microfluidic channels has been a field of

recent interest.1-3 Generally, two platforms for the development of such devices exist. The
“fabricate-then-assemble” approach requires pre-formed functional materials that are later
integrated into microchannels. This approach can be tedious and less practical because small
components must be manipulated manually to achieve alignment.4 These handling conditions
can lead to poor alignments, contamination, and extended fabrication times. Due to these
limitations, an approach that can integrate functional materials into microfluidic devices, in a
quick and simple manner, is desirable. Our group has recently described such a process for the
preparation of stimuli-responsive hydrogels within microfluidic channels.5 Through a simple in
situ photopolymerization process, practically any 2-D shape (within a resolution limit) can be
fabricated with structural features as small as 100 µm.

For a detailed description of the

technique’s design rules, the reader is directed to Qing Yu’s Ph.D. thesis.6

The

photopolymerization process is so universal that a hands on learning activity was developed to
teach middle school students the principles of photolithography and to provide them a way to
fabricate their own polymeric structures. These experiments will be briefly described at the end
of the chapter.

2.2

In Situ photopolymerization
The in situ photopolymerization process is based on negative-resist photolithography,7,8

which uses UV light and a photomask to create patterns of insoluble polymer on silicon wafers.
In our technique, monomers are mixed with a crosslinker and a photoinitiator to create a free
flowing solution referred to as a pre-polymer mixture. The pre-polymer mixture is injected into
*

Reprinted in part with permission from Langmuir 2004 20, 6535-6537. Copyright 2004
American Chemical Society.
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Figure 1. General procedure for the in situ photopolymerization of hydrogels within
microchannels. A microchannel is fabricated from glass microscope slides (a) and filled with a
pre-polymer mixture containing monomers, crosslinker, and a photoinitiator (b). A photomask is
placed on top of the microchannel and irradiated with UV light from a fluorescent microscope
(c). After polymerization, the un-polymerized pre-polymer mixture is washed from the channel
with solvent to produce the desired hydrogel structure (d).
a microchannel and allowed to reach a quiescent state (Figure 1a). A photomask is aligned
above the microchannel in the desired location, and then exposed to UV light from a fluorescent
microscope until the resulting structure matches the size and shape of the photomask (Figure
1b,c). The microchannels are then washed with solvents to remove unpolymerized monomers
leaving a hydrogel structure with features from the photomask (Figure 1d). The technique is
universal for most monomers that undergo free radical polymerization and therefore allows fast
screening of hydrogel structures with varying compositions and properties.
Photomasks were designed using Adobe Illustrator and printed on transparency film
with a high resolution printer. Several examples of the photomasks and their resulting polymer
structures are shown in Figure 2. The photomasks can range from a simple circle to a complex

Figure 2. Examples of photomasks that can be used to create functional hydrogel materials
within a microchannel. The versatility of the technique allows for more than one complementary
photomask to be used. An example of a two photomask structure is shown by the reproduction
of the University of Illinois logo.
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design that allows complementary polymeric structures (with different compositions) to be
fabricated within the same microchannel. An example of this complementary design scheme is
the reproduction of the University of Illinois logo (Figure 2, right). Using one photomask, a
red-dye containing pre-polymer mixture was polymerized within the microchannel. Following
solvent washing, a second, blue-dye containing pre-polymer mixture was injected into the
microchannel. After careful alignment of the second photomask with the red-dye containing
polymer structure, exposure to UV light created the finalized structure shown. As an application
of this two photomask technique, a novel valving device utilizing dual pH responsive core shell
hydrogels was prepared.

2.3 Dual pH-responsive core-shell hydrogels
2.3.1 Core-shell hydrogels
Responsive hydrogels have been exhaustively utilized for applications including
controlled drug delivery devices,9,10 sensors,11-13 actuators, valves,14,19-21 and biomaterials.22
More specifically, hydrogels that swell in response to acidic or basic conditions (i.e., pHresponsive hydrogels) have been studied due to their large volume changes, ease of induced
swelling (all one needs is a change of buffer solution), and their relevance to pH changes that
occur in biological systems.23 Most work on pH-responsive hydrogels to date has utilized only a
single ionizable monomer, such as 2-dimethylaminoethyl methacrylate, within the polymer
matrix. Under basic conditions the hydrogel remains in a collapsed state; however, once the pH
is low enough to ionize the pendant amines, an osmotic pressure difference is created between
the inside and outside of the hydrogel. Water migrates into the hydrogel to alleviate the pressure
difference, thus causing the hydrogel to swell.24 Although these polymeric hydrogels have been
studied for more than three decades, only recently have more advanced systems been
investigated. Evolving from traditional surface modified particles,25-28 core-shell hydrogels that
contain multi-responsive components have been examined because they provide properties that
are not available from the simple addition of each component.29 Using core-shell microgels
based on poly(N-isopropylacrylamide) (PNIPAM), Lyon and coworkers have controlled
independently the temperature and rate of collapse of microgels through the addition of various
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monomers to the external shell.29-31 Further investigations have shown the importance of shell
thickness to temperature/pH-responsive core-shell systems where the compressibility of a
PNIPAM shell can restrict swelling of pH-responsive cores.32,33
We have prepared core-shell hydrogels with both components made of pH-responsive
hydrogels. Although not as small as the core-shell microgels discussed above, the dimensions
(600 µm) provide fast swelling rates that were useful for studying the spatial effects of the coreshell system.

The responsive monomers used for this study were 2-dimethylaminoethyl

methacrylate (DMAEMA, Figure 3) and vinyl pyridine (VP) because they provide volume

Figure 3. Chemical structures of hydrogel components. Monomers: 2-dimethylaminoethyl
methacrylate (DMAEMA), vinyl pyridine (VP), and 2-hydroxyethyl methacrylate (HEMA).
Photoinitiator: 2,2-dimethoxy-2-phenyl-acetophenone (DMPA). Crosslinker: ethylene glycol
dimethacrylate (EGDMA).
transitions in acidic buffers; however, their transitions are separated by several pKa units. This
means that one polymer can be selectively expanded in the presence of the other. The core and
shell components of the hydrogels were fabricated inside a microchannel using a two photomask
in situ photopolymerization technique. By controlling the dimensions of the core and shell
through the photopolymerization process, a systematic variation in the volume of the patterned
polymers was achieved. Once subjected to typical swelling conditions the hydrogels showed
radically different swelling behavior depending on the location of the components.
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2.3.2 Preparation of microfluidic core-shell hydrogels
Core-shell hydrogels with three different patterned volume compositions (Table 1) were
created by the free radical polymerization of a pre-polymer mixture containing 2hydroxyethylmethacrylate (hydrophilic monomer, 7.7 mmol), ethylene glycol dimethacrylate
(crosslinker, 0.02 mmol), 2,2-dimethoxy-2-phenylacetophenone (photoinitiator, 3 wt %), and
either DMAEMA (1.4 mmol) or VP (1.1 mmol) as an ionizable monomer (Figure 3). The
dimensions of the core components were back-calculated from a desired total hydrogel diameter
of 600 µm to produce core:shell volume ratios of 1:2, 1:1, and 2:1. As an initial core-shell
system, a VP hydrogel was polymerized as the core and a DMAEMA hydrogel was polymerized
Table 1. Patterned volumes of DMAEMA:VP core-shell hydrogels.
Total Volume

Final

run

VP Core

DMAEMA Shell

Core-Shell Diameters (um)
DMAEMA Core

VP Shell

(DMAEMA:VP)

Diameter (um)

1

350

600

-

-

1:2

1120

2

420

600

-

-

1:1

1120

3

490

600

-

-

2:1

1110

4

-

-

350

600

1:2

1120

5

-

-

420

600

1:1

1120

6

-

-

490

600

2:1

1130

Figure 4. Optical micrographs during the preparation of core-shell hydrogels. The core was
prepared by polymerizing through a circular photomask with a diameter of 420 µm (a), while the
shell was prepared by polymerizing through a concentric circle with a diameter 600 µm (b) to
produce a hydrogel with a 1:1 core:shell volume ratio. Photomasks are shown in the inset of
each micrograph. Height of hydrogel is ~180 µm. Scale bar = 200 µm.
as the shell. This core-shell morphology was

created by first polymerizing the VP hydrogel

core with a circular photomask of a desired

diameter (i.e., 420 µm, Figure 4a).

microchannel was flushed with a syringe to

remove residual pre-polymer solution and then
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The

flushed three times with the DMAEMA pre-polymer solution. The DMAEMA hydrogel shell
was then created by polymerizing through a concentric circle photomask that was manually
aligned over the core component (i.e., 600 µm, Figure 4b). The interface between the two
hydrogels can be seen in Figure 4b and shows that the two hydrogel domains maintain the
dimensions transcribed from the photomask.

2.3.3 Swelling properties
Selective swelling of the DMAEMA hydrogel shell was accomplished by flowing pH 4
phosphate buffer (0.2 M) through the microchannel at 0.12 mL·h-1 (Figure 5). At this pH the VP
hydrogel core is still in a contracted state because the pH is above the observed pKa of the
pyridinium side chains; however, the DMAEMA hydrogel is at its maximum swelling potential
with the pH being well under the observed pKa of the dimethylammonium side chains (Figure
6). The swelling was monitored by measuring the total hydrogel diameter change over time.

1150
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1200
Diameter (µ m)
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Plotting the hydrogel diameter vs. time showed that the swelling rate and profile was similar to
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Figure 5 (left). Swelling of hydrogels with a VP hydrogel core and DMAEMA hydrogel shell
upon exposure to pH 4 buffer (first transition) followed by pH 2 buffer (second transition).
Volume compositions of VP:DMAEMA were 1:2 (S), 1:1 (), and 2:1 ().

Figure 6 (right). Equilibrium swelling diameters of VP hydrogel (c) and DMAEMA hydrogel
() over a range of pH values. Hydrogels were patterned with a 625 µm diameter circle
photomask. The DMAEMA hydrogel has reached its swelling capacity at pH 4 while VP
hydrogel is still contracted. At pH 2, both hydrogels are at their maximum swelling capacity.
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previously reported pH responsive hydrogels inside microchannels.5,34 After equilibrium was
reached at pH 4, a pH 2 phosphate buffer (0.2 M) was pumped through the channel to initiate the
expansion of the VP hydrogel at the core. Like the initial shell expansion, the hydrogel’s change
in diameter (pushed from the swelling of the core) again followed typical pH-responsive
swelling kinetics.5,34
The ability to pattern the core-shell hydrogel provided control over the maximum
swelling of both volume transitions. By varying the volume of the external shell in relation to
the core (runs 1-3, Table 1), the normalized swelling of each transition was tailored. Figure 5
shows the initial swelling transition reached a limiting diameter of 780, 905, and 997 µm for
VP:DMAEMA volume compositions of 1:2, 1:1, and 2:1, respectively. These swelling volumes
represent a fractional change in hydrogel diameter of 25%, 49%, and 66%, respectively, and
show that the patterned volumes correlate well to the limiting swelling volumes.

It is also

important to note that all three hydrogels swelled to the same maximum diameter of around 1120
µm at pH 2. This result demonstrates that all three hydrogels have a similar maximum swelling
potential even though the individual hydrogels were prepared with different patterned volumes.
Although the swelling of core-shell hydrogels described above performed as expected,
changing the location of the two polymers between the core and shell was found to generate
remarkably different swelling behavior. Core-shell hydrogels with DMAEMA hydrogel at the
core and VP hydrogel at the shell were created and subjected to similar swelling conditions as
those described above. When subjected to pH 4 the hydrogels were unaltered or slightly shrunk
over the first 60-120 min (Figure 7).

The observed shrinking contrasted greatly with the

previous core-shell hydrogels (runs 1-3, Table 1) that swelled to completion within the first 90
min (Figure 5). After this initial period, the hydrogels eventually began to expand slowly over
the course of many hours.

Comparison of a series of hydrogels with VP:DMAEMA

compositions of 1:2, 1:1, and 2:1 (runs 4-6, Table 1) showed that the swelling rate slowed with
increasing shell volume (VP hydrogel). After complete equilibration of the initial swelling
transition, pH 2 buffer was introduced and the VP hydrogel shell expanded (Figure 7). Unlike
the variable first transition, the second swelling transition occurred quickly and was
accomplished within 40 min for all hydrogel compositions and produced hydrogels with final
diameters of ~1120 µm (Table 1).

Although these core-shell hydrogels swelled with

considerably different swelling profiles to those described above (runs 1-3), they did also reach a
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maximum fractional hydrogel diameter of 27%, 48%, and 73%, respectively, and thus realized
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Figure 7 (left). Swelling of hydrogels with a DMAEMA hydrogel core and VP hydrogel shell
upon exposure to pH 4 buffer followed by pH 2 buffer. Volume compositions of VP:DMAEMA
were 1:2 (), 1:1 (), and 2:1 (S).

Figure 8 (right). Half-order rate analysis of core-shell hydrogel swelling. The swelling rate of a
core-shell hydrogel with a DMAEMA hydrogel core and VP hydrogel shell at pH 4 decreased with
increasing VP hydrogel volume. Volume compositions of VP:DMAEMA were 1:2 (), 1:1 (),
and 2:1 (S). Points plotted were taken after initial dormant stage. For comparison or rates, a coreshell hydrogel with a VP hydrogel core and a DMAEMA hydrogel shell (1:1, run 2) was shown to
swell at a much higher rate (¼). A = (Dt-D∞)/(Di-D∞).

2.3.4 Swelling kinetics
The rates of swelling at pH 4 for runs 4-6 were analyzed quantitatively by applying a
half-order rate equation35

A

1/ 2

 D − D∞
=  t
 D0 − D∞





1/ 2

=

k
t +1
2 ( D 0 − D ∞ )1 / 2

where D0 is the initial diameter, Dt is the diameter at time t, and D∞ is the final diameter at
swelling equilibrium. The greater the slope of the plot of sqrt{(Dt-D∞)/(D0-D∞)} against t, the
faster the swelling process. As shown in the Figure 8, swelling rates dramatically decreased with
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increasing VP hydrogel shell volume. For comparison of rates, a plot of a 1:1 VP:DMAEMA
hydrogel with a VP hydrogel core and DMAEMA hydrogel shell (run 2, ¼) was plotted on the
same graph.

As shown in the plot, the swelling rates changed by over an order of magnitude

when the hydrogel components were switched between core and shell (¼ vs.). These results
are in agreement with previous reports that show the mechanical influence of a shell over the
swelling of a pH-responsive core component.32,33 In this case, when the core component is
swelled with the shell in a contracted state (i.e., VP hydrogel shell) the rate of expansion is slow;
however, when the core component is swollen with the shell already in an expanded state (i.e.,
DMAEMA hydrogel shell) the core expands quickly with rates similar to those previously
reported.5,34 These data suggest that the swelling is inhibited by either a mechanical limiting
mechanism where the stationary shell component restricts outward expansion or a diffusion
limited mechanism where ion migration is slowed by the contracted polymer shell.

2.3.5 Conclusions
This section has described the formation of core-shell hydrogels with controllable
polymer volume compositions through a simple photopolymerization process. The variable
patterned polymer volumes allow the hydrogels to swell to a constant maximum diameter with
different swelling rates and cut off points. The effect of the core-shell morphology was also
investigated and showed that the composition and swollen state of the shell has a large effect on
the core swelling rate. The results suggest core-shell hydrogels may be useful for actuators or
complex valves for microfluidic devices or for controlled release applications.

2.4 Introduction to photolithography – Preparation of microscale polymer
silhouttes
2.4.1 Just for fun – polymer silhouettes
A simple adaptation of the photopolymerization procedure allows the fabricating of
macroscopic “polymer silhouettes” of an individual’s profile or any other computer generated
image. These experiments provide an excellent learning experience for middle school students
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being introduced to polymer chemistry. Because fluorescent microscopes and high resolution
printers used in our studies are expensive and limited in availability, we have adapted the
photopolymerization procedure to make use of large scale photomasks (that can be printed on
any desktop printer) and cheap handheld UV lamps or sunlight as the UV light source. The
substrate for polymer formation has also been changed to a simple glass slide. For a more indepth description of the following experiments the reader is directed to Kimberly Berkowski’s
thesis or a published Journal of Chemical Education paper.36,37 In those documents, several
photomask examples as well as classroom activities with questions that are centered on polymer
chemistry are presented.

2.4.2 Polymer structure formation
The general procedure for polymer structure formation is very simple. A transparency
slide is cut into fourths to prepare equal pieces of 5.5” x 4.25” (Figure 9).

One of the

transparency pieces is placed flat on a table and two coverslips (22 × 50 mm No. 1) are placed at
the top and bottom of the transparency.

These coverslips act as spacers between the

Figure 9. Overview of the fabrication process. Two coverslips are placed at the top and bottom
of a transparency (a) and pre-polymer solution is dropped in the center (b). A thick, glass slide is
positioned on top of the pre-polymer solution, allowing it to rest on the coverslips, and causing
the pre-polymer solution to flow and fill the gap (c). A photomask is aligned on top of the glass
slide (d) and the exposed photoresist is polymerized using UV light. After rinsing, an insoluble,
patterned polymer results (e).
17

transparency and the glass slide that is patterned. Approximately 15-30 drops of the pre-polymer
solution are applied to the middle of the transparency, about 2.5” from each coverslip.

A glass

slide (75 × 50 × 1 mm) is then placed in the center of the transparency, allowing its top and
bottom to rest on the spacer coverslips. Upon placing the glass slide on the coverslips, the prepolymer solution flows to uniformly cover the entire area. After the entire space between the
transparency and the glass slide is filled by pre-polymer solution, a photomask is placed on top
of the glass slide (75 × 50 × 1 mm) at the desired location. A second glass slide (75 × 50 × 1
mm) is placed on top of the photomask to keep it flat. The exposed regions of pre-polymer
solution are polymerized by holding a hand-held UV lamp (365 nm) 0.5” above the photomask
for 20 seconds. The photomask is then removed and the glass slide is carefully peeled away
from the transparency paper to expose the polymer image, which forms on the bottom of the
glass slide. The non-polymerized monomer is washed off the glass slide into a beaker with
ethanol and the patterned glass slide is dried by gently dabbing it with a paper towel.

2.4.3 Advanced photomask and structure fabrication
To prepare photomasks for the “polymer silhouettes” of an individual’s profile, the
subject is positioned between an overhead projector and a projection screen so that his or her
shadow is prominent. A digital picture is taken of the subject’s shadow and the image is
rendered black and white with software such as Adobe Photoshop.® The image is cropped to
exclude everything but the head and neck of the subject’s shadow, and then inverted to produce a
white subject on a black background. The contrast is manipulated until a sharp distinction is
evident between the white polymer portrait and the black background (Figure 10, inset). This
file is then transferred onto the 3 x 3” black box in Microsoft Word and printed on a
transparency slide. An example of the photomask preparation is shown in Figure 10, going from
photomask to polymer pattern.
Multicolored polymer images can also be produced using several photomasks in
succession with photoresists of different colors. Figure 11 depicts an example of this technique
by showing the formation of a bi-colored University of Illinois® logo. Following the same
experimental procedure as described above, one colored photoresist was polymerized and
washed with ethanol. Re-subjecting the same glass slide to a second color and polymerizing the
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Figure 10 (left). Student polymer silhouettes. A digital camera is used to capture a picture of
the student’s shadow. A negative of this image is used as the photomask.
photoresist through a properly aligned, second photomask with subsequent rinsing produced the
multicolored design.
These experiments may also be performed outside using the UV light produced by the
sun. The polymerization time will depend on several factors including the time of year, the time
of day, and the amount of cloud cover. Comparison between the rate of polymerization using the
light from a fluorescent classroom light (very slow) and the sun can be a great demonstration of
the amount of UV light that we are exposed to outside everyday. Our experiments have shown
that on a bright, sunny day, the pre-polymer mixture will actually polymerize faster outside than
under a handheld UV lamp!

2.5

Experimental section
Materials. 2-Hydroxyethylmethacrylate (Aldrich), 2-dimethylaminoethyl methacrylate

(Aldrich), vinyl pyridine (Aldrich), isobornyl acrylate (Aldrich), 2,2-bis[4-(2-hydroxy-3methacryloxypropoxy)phenyl]propane (Bis-GMA, Polysciences, Inc.), 2,2-dimethoxy-2-phenylacetophenone (DMPA, Aldrich), oil blue (solvent blue 14, Aldrich) , oil red (solvent red 27,
Aldrich), and fluorescent yellow 3G (solvent yellow 98, Aldrich) were used without purification.
Fisherbrand microscope slides (75 × 50 × 1 mm), Corning cover glass slides (22 × 50 mm No.
1), and transparency paper were purchased from Fischer Scientific. The light source used was a
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hand-held, long wavelength (365 nm) UV lamp (Spectroline ENF-240C, Fisher Scientific). The
sonicator used was a Branson model 1210.
Microchannel Fabrication. Microchannels were constructed by applying two strips of
Scotch double-sided tape approximately 2 mm apart on a 75 X 50 X 1 mm Fisher Scientific glass
microscope slide. A 22 X 50 X 180 glass coverslip was used to sandwich the double-sided tape
and enclose the microchannel, resulting in a depth of ~180 µm. Plastic pipette tips cut to 1” in
length were fastened to the ends of the microchannel with DURO Quick Set® epoxy resin and
allowed to set overnight.
Photopolymerization of hydrogels in microchannels. In a typical procedure, 1.0 g
HEMA (7.7 mmol), 0.12 g VP (1.1 mmol), 4.0 mg EGDMA (0.02 mmol), and 34 mg DMPA (3
wt %) were combined in an amber vial and sonicated until a homogeneous mixture was obtained.
The pre-polymer mixture was injected into a glass microchannel and allowed to reach a
quiescent state (typically 3 min). A photomask, created in Adobe Illustrator and printed on
transparency films using a high-resolution commercial printer system (Linotype Herkules
Imagesetter) with a resolution of 5080 dpi, was then placed on top of the microchannel.
Polymerization times using a UV source from an Olympus Epi-Fluorescent microscope (BX-60)
through a near-UV filter cube (U-MNUA, type BP 360-370) with a 360 - 370 nm band pass were
120 and 270 sec for hydrogel-DMAEMA and hydrogel-VP, respectively. After polymerization,
residual monomers were washed away with methanol and the resulting hydrogel structures were
stored in DI water and visualized in real time using a Sony CCD-IRIS/RGB color video camera
attached to the Olympus microscope.
Preparation of polymer silhouette pre-polymer solution. A pre-polymer mixture is
prepared by combining the monomers, isobornyl acrylate (3.5 g) and Bis-GMA (2.0 g), into an
amber vial containing the photoiniator DMPA (0.18 g). The mixture is sonicated for 30 min or
until a homogeneous solution is formed. For blue, red, or yellow pre-polymer solutions, a
milligram of oil blue, oil red, or fluorescent yellow 3G, respectively, is added to the mixture and
subsequently sonicated for 5 minutes. A vortex mixer or prolonged, vigorous shaking and
stirring may be used if a sonicator is unavailable. Both the monomers and photoinitiators are
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light sensitive, therefore an amber glass vial fitted with a screw-on eye dropper is recommended
for easy storage and application. A clear vial wrapped with aluminum foil is also suitable.
Preparation of photomask. Designs for photomasks are created using Microsoft Paint,
Microsoft Word, or Adobe Photoshop. In Microsoft Word, a 3 x 3” black box is formed and
used as a background template for all photomask designs. Six boxes should be prepared on one
page for efficient use of transparency film. To design a text-containing photomask, a text box is
created and formatted for white characters. This text box is then centered inside the 3 x 3” black
box so that at least 0.5” of black is present on all sides of the text. To design a picturecontaining photomask, shapes are manipulated in Microsoft Paint by forming a black
background, pasting a white design on it, and then copying this figure to fit inside of the 3 x 3”
black box in Microsoft Word. To design a polymer silhouette, a digital picture is taken of a
projected shadow from an overhead projector.

This image can be manipulated in Adobe

Photoshop. The photomasks are printed onto standard transparency film using a black and
white printer at a resolution of 600 dpi or higher.

2.6
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Chapter 3
Swelling Kinetics of Disulfide Crosslinked Hydrogels*
3.1

Introduction
Crosslink cleavable hydrogels show promise as a new platform for biomacromolecule

detection. Recent work has shown that hydrogels can be rendered responsive to proteases1-4 or
antibodies5 by incorporating biologically relevant crosslinking motifs.

To understand the

mechanism of response, model hydrogels must be prepared. To accomplish this, several model
systems with chemically reducible crosslinks have been prepared.6-11 Of relevance to the present
study, hydrogels crosslinked with disulfide bonds that can be cleaved and re-crosslinked have
been reported. These hydrogels provide a straightforward method to control crosslink density
and to study its effect on hydrogel properties.12 Unfortunately, many of these systems are based
on macroscopic bulk-polymerized hydrogels (or “slab gels”) and have slow response times. The
rate-limiting step for hydrogel swelling has been found to be the diffusion of the polymer
backbone in the aqueous solution.20 Due to this limitation, the swelling rates can be improved by
reducing the hydrogel dimensions, as the response time is proportional to the inverse square of
the gel dimension.20,21 This scaling behavior makes hydrogels well suited for applications in
microfluidic devices. Micron-scale ionic hydrogels have been synthesized by various research
groups, and fast time responses have been reported.13,14 These systems demonstrate the utility of
microscopic hydrogels for applications where fast response times are required.
Recently we developed a method to fabricate microscopic hydrogel structures (microgels)
inside microchannels via a liquid phase photopolymerization process (Chapter 2).15,16

The

liquid-phase photopolymerization not only allows the construction of numerous hydrogel
structures with varying properties quickly and easily, but also provides the capabilities to make
various shapes and sizes by simply choosing the proper photomask during the polymerization
process. Because these microscopic hydrogels are stationary inside microchannels, flowing a
suitable buffer solution through the microchannel can control the chemical environment around
Reprinted in part with permission from Macromolecules 2003 36, 8846-8852. Copyright 2003
American Chemical Society.

*
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the hydrogels without disrupting or moving the hydrogel.

These microchannel confined

hydrogels demonstrate fast volume responses and provide a convenient way to study hydrogel
kinetics and other properties. Real time monitoring of the hydrogel volume changes can be
achieved by videotaping the entire volume transition process through an optical microscope.
In this chapter, the polymerization and characterization of disulfide-crosslinked hydrogels
will be described. This hydrogel system not only provides a convenient means to investigate the
relationship between hydrogel volume and crosslink density, but also serves as a model for
potential hydrogel-based biosensors. To this end, hydrogels prepared with tailored crosslinkers
may be used to detect biologically induced de-crosslinking, such as peptide cleavage by a
protease enzyme (See Chapter 4).

3.2

Photopolymerization of HEMA based hydrogels
The polymerization of neat HEMA-based hydrogels was successfully achieved within

two minutes using DMPA as a photoinitiator, which was previously reported to be suitable for
the photopolymerization of HEMA.17

Under these conditions, a considerable amount of

crosslinking occurred during the polymerization of a mixture consisting solely of HEMA and
DMPA in the absence of a difunctional crosslinker. We refer to this background crosslinking as
“intrinsic crosslinking” of the hydrogel and is presumed to arise from chain transfer processes
during polymerization.18 Because the chain transfer process is monomer-dependent it cannot be
avoided completely. It was observed that the intrinsic crosslink density was high enough to
prevent the poly(HEMA) hydrogel from dissolving.

3.3

Swelling of disulfide crosslinked hydrogels
Two poly(HEMA) hydrogels with different crosslinkers were used in the study. In

general, cross-link cleavable hydrogels were prepared by co-polymerizing cysteine-bisacrylamide (CBA) into the polymer network to provide reducible disulfide bond crosslinks. A
non-cleavable, control hydrogel was prepared by co-polymerizing N-methylene-bis-acrylamide
(NMBA), which contains a methylene unit in place of a disulfide bond. Dithiothreiton (DTT)
was chosen as the reducing agent for disulfide bond cleavage because it rapidly reduces disulfide
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bonds to free sulfhydryl groups under slightly basic conditions.19 Based on previous work, the
DTT was expected to diffuse into the hydrogel network and cleave the disulfide bond crosslinks.
The resulting loss of crosslink density would then provide degrees of freedom to the polymer
network and therefore allow the hydrogel to swell. In our initial studies, CBA crosslinked
hydrogels soaked in a basic DTT buffer solution showed no obvious expansion compared to
those crosslinked with NMBA. However, after flushing the channel with methanol, hydrogels
crosslinked by CBA swelled to a significantly larger degree than hydrogels crosslinked by
NMBA. This enlarged swelling suggested that the disulfide bonds in the crosslinker were in fact
cleaved by the DTT solution. Since methanol is a better solvent for poly(HEMA) than water,
this observation suggested that a driving force was necessary to induce the hydrogel to swell
quickly as the crosslinks were cleaved.
Two differing strategies were pursued to provide a driving force for hydrogel expansion.
In the first approach, acrylic acid (AA) was co-polymerized into the hydrogel network to
generate a pH-responsive hydrogel matrix. Because the disulfide crosslink reduction was carried
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Figure 1 (left). Schematic representation of disulfide-crosslinked, pH-responsive hydrogels. (a)
Micrograph of a disulfide-crosslinked hydrogel after photopolymerization. (b) Micrograph of
the hydrogel after it has reached equilibrium swelling in pH 7.8 phosphate buffer. The hydrogel
expanded moderately due to the deprotonation of the pendent pH-sensitive carboxylic acid
groups. (c) Micrograph of the hydrogel after disulfide crosslinks were cleaved by exposure to a
solution of 10 mM DTT in pH 7.8 phosphate buffer. The hydrogel expanded significantly, but
did not dissolve completely due to intrinsic crosslinking. Scale bar = 200 µm.
Figure 2 (right). Swelling profile of a 3:1 HEMA-co-AA hydrogel crosslinked with one mole
% CBA (¡) or one mole % NMBA () exposed to a 10 mM DTT / pH 7.8 phosphate buffer
flowed at 6.5 mL⋅min-1. Swelling of the disulfide crosslinked hydrogel occurred quickly when
exposed to the DTT reductant, while the chemically inert NMBA did not swell. Fd is the
fractional change in diameter of the hydrogel defined as (D-D0) / (D∞-D0), where D is the
diameter at a given time, D0 is the initial diameter, and D∞ is the final diameter of the hydrogel.
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out under basic conditions, the de-protonation of AA created an osmotic pressure gradient that
triggered hydrogel expansion.

In this approach, the hydrogels were first allowed to reach

equilibrium swelling in a basic phosphate buffer. Exposure to a 10 mM DTT solution in the
basic phosphate buffer induced de-crosslinking that led to further swelling of the hydrogels
(Figure 1).
In the second approach, a 10 mM DTT in methanol solution was employed instead of an
aqueous buffer. The disulfide-crosslinked hydrogels were soaked in methanol and allowed to
reach an equilibrium swelling diameter. Similar to the pH-responsive hydrogels, the methanol
soaked hydrogels began to swell immediately upon exposure to the DTT solution.

Both

approaches were sufficient to produce hydrogel expansion while undergoing de-crosslinking, and
the rate of swelling could be used as a measure of de-crosslinking kinetics. The pH-responsive
hydrogels were studied in detail as the de-crosslinking occurred in aqueous buffer solutions,
which may be utilized for models of biologically induced de-crosslinking.

3.4

Swelling kinetics
To investigate the effects of AA on hydrogels crosslinked via CBA, we first examined

the swelling rates and maximum swelling volume as a function of AA content. Kinetic rate
equations were derived from a simplified model for hydrogel swelling. The model considers
hydrogel expansion to be controlled by two non-related steps, disulfide bond breaking and
polymer diffusion (eq 1). Although these steps will occur in unison in a real hydrogel, the
separation is required to simplify the rate equations. In this analysis, the disulfide bond which
acts as the hydrogel crosslinker is represented by A2. Once exposed to DTT, the disulfide is
reduced into two sulfhydryl groups (2 A) which decrosslinks the hydrogel network. After decrosslinking, the hydrogel can expand from an initial, shrunken state (2 A) to a swollen state (2
P). The rate constants k1, k-1, and k2 represent the disulfide cleavage, disulfide formation, and
polymer swelling rates, respectfully. Using the derived rate law equation (eq 2) and a steady
state approximation we can obtain the change in disulfide concentration as a function of time (eq
3).20 When this equation is analyzed in terms of a[A2] we see that two outcomes are possible.
When a[A2] << 1, a first-order rate law is found (eq 5) that after subsequent solving of the
differential equation and integration gives the familiar concentration dependence on time (eq 6).
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This scenario would coincide with a process that is rate limiting in the first step of the model
(i.e., disulfide breakage). However, if a[A2] >> 1, a half-order rate law is found (eq 7), which
gives eq 8 after solving the differential equation and integration. This scenario would be
indicative of a process where expansion of the polymer network is rate limiting. Using the
hydrogel diameter change as an indicator of the concentration of A2 at time t (eq 9)20 and the
k1

−

k2

2P

eq 1

d[ A2 ] 1 d[ P]
k
=
= k1[ A2 ] − k−1[ A]2 = 2 [ A]
dt
2 dt
2
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A2

2A

k-1

−

d [ A2 ]
2k1[ A2 ]
=
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16k1k −1
2
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−
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d [ A2 ] 1  k1 
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2  k −1 

[ A2 ]1 / 2 = [ A0 ]1 / 2 −
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k
t
2
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eq 8

A2 = Dt − D∞

eq 9

A0 = D0 − D∞

eq 10

total diameter change as A0 (eq 10) we can then find best order fits for the hydrogel swelling
data.
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In the de-crosslinking study, hydrogels with various ratios of HEMA-co-AA were
polymerized inside a microchannel with either CBA or NMBA as a crosslinker. After the
hydrogels equilibrated to a partially expanded initial diameter (D0) in pH 7.8 phosphate buffer, a
10 mM DTT solution in the same buffer was pumped through the microchannel at a flow rate of
6.5 mL·hr-1. The swelling profile of a 3:1 HEMA-co-AA hydrogel crosslinked with one mol %
CBA (¡) is shown in Figure 2. After rapid initial expansion, the swelling rate slowed and
asymptotically approached the equilibrium diameter. In comparison, the control hydrogel (3:1
HEMA-co-AA crosslinked with one mol % NMBA, ) that contained an inert crosslinker did
not swell in the presence of DTT, therefore demonstrating that swelling indeed resulted from a
decrease in the crosslinking density caused by the breaking of disulfide linkages. The swelling
data for the CBA-crosslinked hydrogel was plotted both as first- and half-order processes (Figure
3) according to eqs 6 and 8, respectively. The quality of linear regression for the first-order
process suggests that under these de-crosslinking conditions, the breaking of the disulfide
crosslinker is the rate limiting step.21,22 The following experiments show that the reaction order
actually switches between half- and first-order kinetics depending on the hydrogel composition
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Figure 3. Plot of the first-order (left, eq 6) and half-order (right, eq 8) kinetic data for the
swelling of a 3:1 HEMA-co-AA hydrogel crosslinked with one mole % CBA and exposed to a
10 mM DTT / pH 7.8 phosphate buffer. R2 = 0.982 for first-order plot.
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3.5 Effect of co-monomer composition
The effect of AA composition on the degree of swelling is shown in Figure 4. Hydrogels
with one mol % CBA and a variable ratio of HEMA-co-AA were allowed to reach an initial
equilibrium swelling volume ( ) in pH 7.8 phosphate buffer. The volumetric swelling ratio,
defined as the square of the diameter change compared to the square of the initial diameter,

25
(D/Do)2

20
15
10
5
0
0

10

20

30

% AA

Figure 4. Effect of AA composition on the swelling of hydrogels in pH 7.8 phosphate buffer
prior to addition of DTT (●) and the maximum swelling of hydrogels after de-crosslinking by 10
mM DTT in pH 7.8 phosphate buffer (). Hydrogels contain one mole % CBA and varying
HEMA-co-AA ratios. (D/D0)2 is the volumetric swelling ratio of the hydrogel.
increased with increasing AA composition up to 15 mol % and then reached a limiting value.
Although the decrease in maximum swelling may be due to increased intrinsic crosslinking
arising from a change in the monomer ratios, we suggest this effect is due to a change in the
osmotic pressure. This assumption is reasonable since, in contrast to the plateau seen for the
maximum hydrogel swelling in base, the maximum swelling of DTT de-crosslinked CBA
hydrogels () increased linearly with increasing AA percentage. If the intrinsic crosslinking
was the dominant factor, a similar plateau in swelling would be found for de-crosslinked
hydrogels. Rather, we suggest that for the crosslinked hydrogel, the osmotic pressure difference
between the inside and outside of the hydrogel is the dominant factor for up to 15 mol % AA,
with an increase in expansion due to an increased net charge in the hydrogel matrix. Above 15
mol % AA, a limit is reached where the osmotic pressure difference is balanced by an inability of
the crosslinked polymer network to further expand. In the de-crosslinked hydrogel however, the
polymer chains have more freedom and can swell further to lower the osmotic pressure
difference. Therefore, hydrogels (one mol % CBA) with AA content above the critical value (15
30

mol %) are restrained by the amount of crosslinking and thus are unable to reach a reduced
osmotic pressure value. This pressure imbalance provides a “loaded spring” which drives water
uptake and expansion through de-crosslinking.
The de-crosslinking kinetics of hydrogels with varying HEMA-co-AA compositions was
examined by monitoring the gel dimensions while flowing a 10 mM DTT in pH 7.8 buffer
through the microchannel. Although all hydrogels, regardless of AA content, displayed similar
swelling profiles (see Figure 2) during the de-crosslinking process, a change in swelling rate
order was found at 15 mol % AA. Below 15 mol % the hydrogels swelled with a half-order fit
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(Figure 5), which suggested that the polymer expansion was rate limiting. The swelling rate
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Figure 5. Plot of the first-order (left) and half-order (right) kinetic data for the swelling of a 97.5
: 2.5 HEMA-co-AA hydrogel crosslinked with one mole % CBA and exposed to a 10 mM DTT /
pH 7.8 phosphate buffer. R2 = 0.995 for the half-order plot.
constants (k), obtained from the slope of the best fit line, increased with increasing AA content
(Figure 6) as would be expected for a hydrogel with a larger driving force (i.e., higher osmotic
pressure). Above 15 mol % however, the first-order plot gave a better line fit, indicating that the
disulfide cleavage was rate limiting. Though disulfide cleavage is the rate limiting step, which
gives rise to the overall order of unity for the process, the influence of the second step, outward
diffusion of the polymer chains, is evidenced in a plot of the apparent first-order rate constant
(Figure 7). The decrease in rate with increasing AA content above 15 mol % is likely due to the
increase in the final gel volume for gels with increased AA content (Figure 4). This trend has
also been observed in similar hydrogels with non-cleavable crosslinks.21 As described above, we
suggest the driving force for hydrogel expansion occurs due to an imbalance in osmotic pressure
created by the inability of hydrogels with >15 mol % AA to expand further in its crosslinked
state (Figure 4). Once de-crosslinking of a hydrogel with >15 mol % AA occurs, the polymer
swells rapidly and is dependent only on the rate of disulfide cleavage and size of hydrogel.
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Figure 6 (left). Half-order swelling rate constant (k) as a function of acrylic acid composition in
the hydrogel. The rate constant increased linearly with increasing AA content up to 15 mol %.
Above 15 mol % the data are better fit to the first-order kinetics model.
Figure 7 (right). First-order swelling rate constant (k) as a function of acrylic acid composition
in the hydrogel. The rate constant decreased with increasing AA content.

3.6

Effect of DTT buffer composition
In addition to varying the amount of acrylic acid in the hydrogel, the buffer pH and DTT

concentrations were systematically varied to explore the influence of the buffer composition on
the hydrogel swelling rate. Since crosslink cleavage is known to be first-order with respect to
both DTT and crosslinker concentrations (eq 8),23 we tested the hypothesis that the hydrogel
swelling rate constant (k) could be directly dependent on the rate of crosslink cleavage (k1). The
rate of the crosslink cleavage reaction can be controlled in two ways. First, the chemical
reduction rate constant (k’) can be increased through optimizing reaction conditions (i.e., pH),23
Second, the reaction can be accelerated by increasing the concentrations of reactants. The
chemical rate constant (k’) for disulfide cleavage can be increased by raising the pH of the buffer
to a more alkaline solution. This speeds the reaction by facilitating the formation of the thiolate
anion (DTT, pKa 9.2),23 which is directly involved in DTT mediated disulfide cleavage. To
demonstrate the influence of pH on swelling kinetics, 4:1 HEMA-co-AA hydrogels crosslinked
with one mol % CBA were de-crosslinked with a 10 mM DTT solution in buffers of varying pH
(Figure 8). Similar to the hydrogels containing varying concentration of AA, the swelling
kinetics appeared to switch between half- and first-order kinetics. Above pH 8, the hydrogels
swelling data fit well to the first-order kinetics model, indicating crosslink cleavage was rate
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Figure 8 (left). Swelling profiles of 4:1 HEMA-co-AA hydrogels crosslinked with one mole
percent CBA subjected to 10 mM DTT in varying buffer pHs. Increasing the pH of the buffer
provided a faster swelling response that reached a maximum at pH 9. pH 7 (♦), pH 8 (), pH 9
(▲), pH 10 (²), pH 11 (À).
Figure 9 (right). First-order swelling rate constant (k) as a function of buffer pH (Figure 7).
Increasing the pH of the buffer facilitated the reduction of the disulfide crosslinker by increasing
the amount of the nucleophilic thiolate anion in solution.
limiting. However, at pH 7 and pH 8 the hydrogel showed a more linear half-order plot and a
less linear first-order plot. Oddly, the change in swelling order suggested that the expansion of
the polymer network was becoming rate limiting at low pH. Not only did the swelling rate order
change at pH 8, but the swelling rate leveled off as well (Figure 9). When plotting all first-order
swelling rates over the pH range, an increase in swelling rate was visible when increasing from
pH 7 to pH 9; however, above pH 9 no swelling rate increase was observed. The maximum
swelling rate corresponds with the pKa of the DTT,23 which implied the hydrogel swelling was
limited by the rate of the polymer diffusion below pH 8 (half-order), while above this value the
reduction of disulfide bonds is the limiting factor (first-order). This data is consistent with
reports showing a similar plateau in DTT reactivity at high pH.23 These results may initially be
counterintuitive since the rate of disulfide cleavage is slower in this region. One must also
consider the rate of gel expansion in this pH range. At low pH, gel expansion is also slower than
at elevated pH, and the data indicates that the rate of gel expansion at low pH is more
dramatically affected by the pH than disulfide cleavage, producing the observed overall order.
To further support the hypothesis that the hydrogel swelling rate was directly dependent
on the rate of crosslink cleavage, DTT concentrations ranging from 1 - 100 mM in a pH 7.8
phosphate buffer were used to reduce 4:1 HEMA-co-AA hydrogels crosslinked with one mol %
CBA. Increasing the concentration of DTT lead to a visible change in the rate of swelling
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(Figure 10) and the swelling kinetics appeared to follow half order kinetics; however, at the
highest concentration (i.e., 100 mM DTT), swelling was also well-equally approximated by a
first-order fit. A plot of the square of the half-order swelling rate constants (k2) showed a linear
dependence on the DTT concentration (Figure 11).
These observations suggest that the swelling crosslink cleavable hydrogels depend on
both the amount of driving force provided by the hydrogel, as demonstrated by AA composition
studies, as well as the chemical makeup of the buffer. Increasing the reductant’s concentration
or increasing the pH can be used to speed up the disulfide cleavage rate, and consequently the
hydrogel swelling kinetics.

The dependence of hydrogel swelling rate (k) on the DTT

concentration suggests that crosslink-cleavable hydrogels could be used to detect not only the
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Figure 10 (left). Swelling profiles of 4:1 HEMA-co-AA hydrogels crosslinked with one mole
percent CBA subjected to varying DTT concentrations in pH 7.8 buffer. Increasing the
concentration of DTT leads to faster swelling profiles with the maximum swelling volume
occurring earlier. 100 mM (♦), 50 mM (), 40 mM (▲), 30 mM(²), 20 mM (À), 10 mM (♦),
5 mM (+), 1 mM (○).
Figure 11 (right). Half-order swelling rate constant (k2) as a function of DTT concentration
(from Figure 10). Increasing the concentration of DTT led to a linear increase in the swelling
rate constant suggesting the possible utility of crosslink-cleavable hydrogels as a quantitative
measure of chemicals. R2 = 0.95.
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3.7 Conclusions
Stimuli-responsive hydrogels based on changes in crosslink density provide new
opportunities for potential applications such as biosensors, drug-delivery devices, or
biodegradable materials.

By incorporating chemical reducible crosslinks into a hydrogel

network, the hydrogel can be de-crosslinked by specific chemical events providing a mechanism
for the detection and quantification of chemical or biological compounds. In addition, hydrogels
with cleavable crosslinkers can respond to a specific signal and give rise to a macroscopic event
(swelling) as a result of a microscopic event (crosslink cleavage), therefore providing a direct
read out mechanism.
We have demonstrated the rapid and facile preparation and characterization of stimuliresponsive microgels. A driving force in the form of an internal (AA) or an external source
(methanol) was a prerequisite for quick hydrogel expansion. Variations in swelling rate and the
maximum swelling volume were accomplished by modifying the hydrogels composition. The
swelling rate of these hydrogels was directly related to the kinetics of de-crosslinking and thus
can be controlled through factors such as reductant concentration or buffer pH. Finally, the
linear dependence of square swelling rate on the DTT concentration may be exploited for agent
detection and quantitative measurements. The fabrication of hydrogels with an internal driving
force for hydrogel expansion (i.e., AA) and new crosslinkable functionalities that participate in
known recognition events (i.e., protease-peptide cleavage) may find application in robust
detection devices (Chapter 4). Through further miniaturization of the hydrogels, it may be
possible to lower the detection limits to sub-millimolar concentrations.

3.8 Experimental Section
Materials.

Dithiothreitol (DTT, Aldrich), N,N’-methylenebisacrylamide (NMBA,

Aldrich), 2,2-dimethoxy-2-phenyl-acetophenone (DMPA, Aldrich), Rhodamine-B (Aldrich),
N,N’-cystaminebisacrylamide (CBA, PolySciences, Inc.), NaH2PO4 (analytical reagent grade,
Mallinckrodt Inc.), Na2HPO4 (analytical reagent grade, Mallinckrodt Inc.), and NaCl (Fisher
Scientific) were used as received without further purification. 2-Hydroxyethyl methacrylate
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(HEMA, Aldrich) and acrylic acid (AA, Aldrich) were distilled under reduced pressure in the
presence of the radical inhibitor 4-methoxyphenol (Aldrich) prior to use. UV-curable adhesive
(No. 61) was purchased from Norland Optical Adhesive.

Fisherbrand microscope slides

(75×50×1 mm), Corning cover glass slides (22×50 mm No. 1) and United Laboratory Plastics
pipette tips (201-1000 µL) were purchased from Fisher Scientific. Photomasks were prepared by
printing patterns on transparency films using a high-resolution commercial printer system
(Linotype Herkules Imagesetter) with a resolution of 5080 dpi. Phosphate buffers were prepared
from 0.05 M NaH2PO4 solution or 0.05 M Na2HPO4 solution, and HCl or NaOH solution was
added to obtain the desired pH. The ionic strength of all buffers was adjusted to a constant value
of 0.20 M with NaCl.
Fabrication of microchannels. The microchannels used in this study were constructed
by bonding microscope cover glass to a glass slide using UV curable adhesive. UV light (365
nm) from a handheld UV lamp (Spectroline ENF-240C) was used as the light source for curing
the adhesives. Two pieces of 22×50 mm No. 1 cover glass were first bonded to a 75×50×1 mm
glass slide (Fisher Scientific) with their edges parallel to each other and separated by the desired
channel width (5000 µm). A third piece of 22×50 mm No. 1 cover glass was then bonded as the
channel top, producing microchannels 150 to 180 µm deep.

Plastic pipette tips (United

Laboratory) were cut to desired length with a razor blade and glued to both ends of the
microchannel with Loctite Quick Set Epoxy to serve as the inlet and outlet for the
microchannel. Silicone tubing (Helix Medical, Inc.) with an inner diameter of 1.57 mm was
used to connect these pipette tips with the liquid source.
Photopolymerization of hydrogels. Photopolymerizations were carried out with the UV
source from an Olympus Epi-Fluorescent microscope (BX-60) through a near-UV filter cube (UMNUA, type BP 360-370) with a 360 – 370 nm band pass. Light intensity was adjusted by
changing the magnification of the lens. In a typical procedure, HEMA (1.041 g, 8 mmol), AA
(144 mg, 2 mmol), CBA (26.0 mg, 0.1 mmol), DMPA (33.2 mg), and a small amount of
Rhodamine-B (for visualization purpose) were mixed to produce a liquid prepolymer mixture
(Chart 1). This prepolymer mixture was injected into a microchannel with a syringe and allowed
to reach a quiescent state (3 min).

A proper photomask was then placed on top of the
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microchannel at the desired location, followed by exposure of the unmasked region to UV light
to produce hydrogels with a 4:1 molar ratio of HEMA-co-AA and 1 mol % CBA crosslinking.
The standard polymerization time for this prepolymer mixture was 1 min 40 sec under a 2x
magnification lens. Unpolymerized prepolymer mixture was removed by flushing the channel
with deionized water and methanol and the resulting hydrogel structures were stored in deionized
water. Hydrogels containing NMBA as crosslinker were prepared in a similar manner.
Characterization. Shape and size characterization of the µgels was carried out with
either an Olympus Epi-Fluorescent microscope (BX60) equipped with a Sony CCD-IRIS/RGB
color video camera and Panasonic AG-1980 videocassette recorder with monitor, or a Zeiss
optical microscope. The diameter of the hydrogels was determined by measuring the µgel on the
microscope monitor and calibrating to a known standard. For each prepolymer mixture, four
cylindrical hydrogel structures were simultaneously created in the same microchannel using a
photomask patterned for multiple structures. The dimensions in the horizontal and the vertical
directions were measured and averaged for each hydrogel to eliminate the effect of slight
irregularity in shape during expansion.
Chart 1. Chemical structures of hydrogel components and reducing agents. Monomers: 2hydroxyethyl methacrylate (HEMA) and acrylic acid (AA). Photoinitiator: 2,2-dimethoxy-2phenyl-acetophenone (DMPA). Inert crosslinker: N,N’-methylenebisacrylamide (NMBA).
Reducible crosslinker: N,N’-cystaminebisacrylamide (CBA). Reducing agent: dithiothreitol
(DTT).
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H
N

De-crosslinking of disulfide crosslinked hydrogel in methanol.

Microchannels

containing hydrogels were filled with methanol and allowed to sit overnight.

Equilibrium

diameters of the hydrogels were measured and recorded as “swelling in methanol”. A 10 mM
DTT solution was prepared by dissolving DTT (30.8 mg) in methanol (20 mL). The 10 mM
DTT solution was pumped through the microchannel at a flow rate of 6.5 mL·hr-1 using a
Harvard Apparatus PHD 2000 syringe pump and the hydrogels were monitored in real time
through a microscope.
De-crosslinking of disulfide crosslinked pH-sensitive hydrogel in aqueous buffer
solution. Microchannels containing hydrogels were filled with phosphate buffer (pH 7.8) and
allowed to sit overnight. Equilibrium diameters of the hydrogels were measured and recorded as
“swelling in base”. A 10 mM DTT solution was prepared by dissolving DTT (30.8 mg) in
phosphate buffer (20 mL, pH 7.8).

The 10 mM DTT solution was pumped through the

microchannel at a flow rate of 6.5 mL·hr-1 using a Harvard Apparatus PHD 2000 syringe pump
and the hydrogels were monitored in real time through a microscope. Diameter measurements of
the hydrogels were taken at three-minute intervals until the maximum swelling was reached, as
evidenced by the diameter remaining constant for a period of 20 min. Hydrogels subjected to
different DTT concentrations or buffer pHs were de-crosslinked in a similar manner.
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Chapter 4
Biomacromolecule Sensing via Protease Responsive Hydrogels*
4.1 Introduction
The development of synthetic materials capable of interacting with proteins and cells is
important for applications in sensing,1 tissue engineering2 and drug delivery.3 Hydrogels, or
three-dimensional hydrophilic polymeric networks, have received much attention for these
applications due to their structural similarity to the natural extracellular matrix and to their
ability to change properties by modifying the monomer or by varying the crosslinker
concentration. Hydrogels have been developed as stimuli-responsive materials that can undergo
volume changes in response to pH,4 temperature,5 light,6 electric field,7 glucose,8 antigens,9 and
proteases.10-14 The development of general methods to create novel responsive materials for
microfluidic applications still remains an important problem.

Because these materials can

provide an instant visual readout (e.g. volume change or dissolution), dissolvable hydrogels and
membranes may minimize complicated electronic components for portable biosensors and
sacrificial structures for microfluidic systems.15
Several protease-responsive hydrogels have been described in the literature.10-13 These
systems use a specific peptide sequence as the crosslinker of the hydrogel. When a protease is
introduced to the hydrogel, the peptide sequence is recognized and degraded, causing the
hydrogel to dissolve (Figure 1). Polymerizable peptide sequences are typically prepared by
reacting amine groups from a peptide with acryloyl chloride.11,13 Unfortunately, this conjugation
procedure does not provide selectivity between amines, thiols, or alcohols, and is not useful for
complex peptides with multiple functionalities within the sequence. Recently, Hubbell and
coworkers have described a selective conjugation technique that utilizes a Michael addition of
cysteines to vinyl sulfones at physiological conditions.10,16 The reaction selectivity of the thiol
over the amine groups is modulated by adding arginine residues near the cysteines. Using this
technique, hydrogels were prepared by reacting multiarmed vinyl sulfone-terminated
*

Reprinted in part with permission from Biomacromolecules 2005, 6, 632-637. Copyright 2005
American Chemical Society.
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poly(ethylene glycol) macromers with di-cysteine functionalized oligopeptides.

Although the

selective conjugation of cysteine is obtained at physiological pH, the addition of arginine
residues near the cysteines limits the method because these additional residues may be
undesirable for certain applications (e.g. depending on the stringency for an exact peptide
sequence or isoelectric point). Another limitation of this technique is that the conjugation
requires the Michael addition of a thiol to a deactivated alkene. Therefore, the reaction cannot
Figure 1. Schematic representation of a CYKC-crosslinked hydrogel degraded with αbe
used to prepare
functionalities
because
conjugate
addition
to
chymotrypsin.
Thepeptides
hydrogelwith
goes(meth)acrylamide
from an insoluble,
3-D crosslinked
network
to a water
soluble
polymer.
the methacrylamide will occur. Due to the problems evident with both conjugation techniques, a
new scheme that could selectively couple methacrylamides to cysteine containing peptides
without major modifications to the peptide sequence was envisioned. In this chapter, two
protease responsive hydrogels will be described. An α-chymotrypsin responsive hydrogel was
initially investigated to screen for optimal methacrylamide coupling and hydrogel formation
conditions.

Using these optimized conditions, a more complicated botulism neurotoxin

responsive hydrogel was prepared.

4.2

Coupling strategy for methacrylamide containing peptides

The peptide conjugation technique described in this chapter takes advantage of a
Scheme
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(PDTEMA), has previously been polymerized with N-(2-hydroxypropyl)methacrylamide to
produce a copolymer that is capable of conjugating to oligonucleotides and oligopeptides.18 As
an extension of this work, we have coupled peptide sequences to the monomer itself, resulting in
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compatibility (Scheme 1). The mechanism and rates of reaction for disulfide exchange at
different pH values have been investigated.18 The reaction is believed to be promoted through
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exchange (Scheme 2, top). Because of this reaction pathway, the thiol-disulfideH exchange can
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take place between pH 3 and pH 8 (hydrolysis begins above pH 8). The operable pH of this
pyridyl-disulfide exchange reaction is in great contrast to thiol-disulfide exchange between
aliphatic thiols and aliphatic disulfides.19 For aliphatic disulfides, basic buffers (pH > 8) are
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required to create sufficient nucleophilic thiolate ions for the exchange reaction to take place
(Scheme 2, bottom).

4.3

α-Chymotrypsin recognizable peptide design and coupling conditions
As an initial model system, hydrogels were prepared by polymerizing acrylamide with a

peptide sequence that is recognized by α-chymotrypsin. α-Chymotrypsin is a 25 kDa enzyme
that digests proteins in the small intestine by cleaving peptide bonds following hydrophobic
residues such as tyrosine, tryptophan, and phenylalanine. The degradable tetrapeptide used in
this study, CYKC, contains cysteine conjugation sites at the termini, a tyrosine residue for αchymotrypsin recognition, and a lysine residue to demonstrate site selective conjugation of

Figure 2 (left). HPLC traces of the disulfide exchange reaction at pH 2.5 (top) and at pH 7.6
(bottom). Only at pH 2.5 is the production of the product observed. At pH 7.6, no desired
product is formed, however several other conjugates are found. Residual PDTEMA is located at
20.77 and the byproduct 2-thiopyridone is at 3.70 (See Figure 3).
Figure 3 (right). HPLC traces of the reduction of PDTEMA monomer with a 5 mM solution of
TCEP. The starting disulfide (top trace) elutes at 20.35 min and is cleaved into two products at
3.70 and 8.63 min (bottom trace). The peak at the solvent front (3.70) is the 2-thiopyridone
byproduct found in the conjugation reactions.
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sulfhydryl groups over amino groups. Control hydrogels contained the tetrapeptide CSKC,
which was not expected to be degraded by α-chymotrypsin.
The methacrylamide-containing peptide crosslinkers were prepared by performing a
disulfide exchange reaction in mixtures of acetonitrile and a pH 2.5 phosphate buffer. Because
the pyridiyl-disulfide exchange can operate over a range of acidic pH values, we felt that
performing the reaction at a low pH would be beneficial for the reaction selectivity. At pH 2.5,
the lysine residues are protonated and are prevented from performing undesirable Michael
additions to the methacrylamide functionality. To confirm the effect of pH on the reaction
selectivity, coupling reactions between CYKC and PDTEMA were performed in 9:1 mixtures of
phosphate buffer at either pH 7.6 or pH 2.5 with acetonitrile. HPLC analysis of the pH 2.5
coupling (Figure 2, top) shows the desired product (24.45 min) along with unreacted PDTEMA
(20.77 min) and byproduct 2-thiopyridone (3.70 min) in solution (Figure 3).

The excess

PDTEMA remaining in the reaction suggests that the lysine residues are not participating in
michael additions to the methacrylamides. Alternatively, analysis of the pH 7.6 reaction showed
no desired product formation (Figure 2, bottom). These results suggest that the selectivity for
disulfide exchange is lost if the reaction is not carried out at a pH below the pKa of the lysine
residues.
For reactions carried out on CYKC and CSKC peptide sequences at pH 2.5, the isolated
yields obtained after preparatory reverse phase HPLC were 65 and 62%, respectively (Figure 4).
Lyophilization of the products resulted in powders with poor solubility that were not beneficial
for hydrogel preparation.

Because an exact amount of crosslinking density in a hydrogel

prepolymer mixture was required, the peptide crosslinker was prepared in situ by mixing the
CYKC peptide (2 mg, 3.6 X 10-6 mol) with PDTEMA (2 mg, 7.9 X 10-6 mol) in 100 µl of a 9:1
mixture of pH 2.5 buffer and acetonitrile. The methacrylamide-containing peptide was not
purified from the byproduct (2-thiopyridone) or unreacted PDTEMA because these molecules
would not interfere with the polymerization process and could be washed away or copolymerized
into the hydrogel structure, respectively.

Acrylamide (30 mg, 4.2 X 10-4 mol), and a

photoinitiator system consisting of benzoyl(benzyl)trimethyl ammonium chloride (BP+, 6 mg,
2.1 X 10-4 mol) and N-methyldiethanolamine (NMDA, 12 mg, 1.0 X 10-4 mol) were then added
to this solution to form a stock solution. This stock solution was diluted in a 1:1 ratio with pH
2.5 buffer to obtain the final prepolymer mixture.

43

Figure 4. Coupling of the thiol groups of the tetrapeptides to the disulfide protected
methacrylamides in phosphate buffer, pH 2.5 and acetonitrile at room temperature. The
HPLC traces of the initial tetrapeptides are shown in a) Ac-CYKC-NH2 (10.00 min) and b)
Ac-CSKC-NH2 (not visible). The reaction mixture after the conjugation of Ac-CSKC-NH2 is
shown in Figure c. The peak has shifted from 10.00 min to 24.14 min. The reaction mixture
for Ac-CYKC-NH2 is shown in d. A peak has formed at 21.42 min. The HPLC traces of the
products after purification are shown in e) Ac-CYKC-NH2 and f) Ac-CSKC-NH2. Peak at
3.70 is the byproduct 2-thiopyridone (Figure 3).

4.4 Peptide-crosslinked hydrogel fabrication
Utilizing a procedure previously described for the preparation of lithographically
patterned microscopic hydrogels,20 the prepolymer solution was injected into a microchannel
made by adhering glass slides together with double sided tape. The solution was left undisturbed
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for 2 min, until the liquid came to a quiescent state, and then was polymerized with 365 nm light
through a photomask, displaying a 420 µm circle for 60 sec. The resulting hydrogel structure
was washed with PBS buffer (pH 7.6) at a flow rate of 2 mL·min-1 for 10 min to remove all
unreacted monomer and polymer not bound to the hydrogel structure (Figure 5, left image). The
final hydrogel structure swelled to approximately 600 µm upon washing. When two hydrogel
structures of different composition were required to be located within the same microchannel,
the initial prepolymer solution was gently removed by pushing air into the microchannel with a
syringe. The microchannel was washed twice and filled with the second prepolymer solution
and polymerized. The physical robustness of the resulting hydrogel structures depended largely
on the concentration of stock solution. Polymerization of the stock solution without any dilution
created very robust structures that were not immediately affected by α-chymotrypsin solutions.
When the stock solution was diluted too much, the hydrogel structures were too weak to
withstand the washing with PBS buffer. A 1:1 dilution of the stock solution with pH 2.5 buffer
was found to be optimal for producing hydrogel structures that were rigid enough to withstand
flowing solution, while being visually responsive to α-chymotrypsin solutions within ca. one
hour.

Figure 5. Optical micrograph of hydrogels prepared with CYKC (left) and CSKC (right) as the
crosslinking agent. A 0.5 mg·mL-1 α-chymotrypsin solution (pH 7.6) was flowed through the
channel at 2 mL·h-1. The micrographs show the degradation process at t = 0 min (a), 5 min (b),
and 20 min (c). The hydrogel containing the peptide sequence with tyrosine dissolved within 20
min, while the hydrogel containing the serine was not affected. Video available on the web
Biomacromolecules 2005 6, 632-637. Scale bar = 500 µm.
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4.5 α-Chymotrypsin degradation of peptide-crosslinked hydrogels
The ability of α-chymotrypsin to degrade the peptide conjugate was initially tested in
solution and monitored by HPLC. Both methacrylamide conjugates of CYKC and CSKC were
subjected to a one mg⋅mL-1 solution of α-chymotrypsin in pH 7.6 PBS buffer. The resulting
peptide solutions were characterized after one hour of reaction at room temperature. As shown
in Figure 6, no degradation of the CSKC peptide was observed (top) while complete digestion of
CYKC was accomplished (bottom). These data suggest that an α-chymotrypsin responsive
hydrogel should be obtained by incorporating the CYKC peptide sequence into a hydrogel. The
degradation of the hydrogel structures was carried out by either flowing a 0.5 mg·mL-1 αchymotrypsin solution through the microchannel at 2 mL·h-1 or allowing the hydrogel to bathe in
the same solution overnight.

The visual disappearance of the hydrogel was dramatically

different depending on the degradation technique used. Under flowing conditions, the hydrogel
experiences shear forces that caused it to shrink at a faster pace once crosslinks begin to break.
Figure 5 shows the degradation of a CYKC crosslinked hydrogel (left hydrogel) under flowing
conditions. Initially, both the CYKC hydrogel and control hydrogel (CSKC, right hydrogel)

Figure 6. HPLC traces of the degredation of crosslinker peptides. The CSKC peptide
crosslinker (top) did not cleave when subjected to a one mg/mL solution of α-chymotrypsin in
PBS. The CYKC peptide crosslinker (bottom trace, green), however did cleave into two
fragments at 18.94 and 6.63 min upon degredation with chymotrypsin (blue).
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were rigid and not deformed by the flowing buffer. After two min, the hydrogel crosslinked with
the CYKC peptide began to erode and polymer was etched from its exterior (Figure 7). After 20
min, the test hydrogel was completely gone, while the control hydrogel without an αchymotrypsin recognition sequence was still intact. As expected, the control hydrogel was found
to be unaffected by α-chymotrypsin even after flowing for 12 h (flow rate reduced to 0.5 mL·h1

). The hydrogel erosion is believed to occur by surface degradation though protease cleavage;

however, diffusion of the enzyme into the hydrogel has not been ruled out and will require
further studies.21 For applications where a large amount of protease cannot be used, bathing the
hydrogel in a protease solution is beneficial. A microchannel containing both a test hydrogel
(CYKC) and a control hydrogel (CSKC) were bathed in 10 µL of a 0.5 mg·mL-1 α-chymotrypsin
solution for 12 h. Visually, the CYKC hydrogel lost some integrity over time but did not
completely dissolve. However, upon washing the channel with PBS buffer at 2 mL·h-1, the
CYKC hydrogel looked weak and washed away as soon as solution moved through the channel.
In contrast, the control CSKC hydrogel was still intact and was not affected by the αchymotrypsin solution. This result suggests that the CYKC hydrogel was highly de-crosslinked
by the stationary α-chymotrypsin solution, and demonstrates the feasibility of this technique to
be used for detecting proteases with small sample volumes.

Figure 7. Hydrogels crosslinked with CYKC (●) and CSKC (■) subjected to a 0.5 mg·mL-1 αchymotrypsin solution (pH 7.6) at a flow rate of 2 mL·h-1. Dissolution of the tyrosine containing
hydrogel is accomplished within 20 min, while the serine containing hydrogel is unaffected.
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4.6 TCEP degradation of peptide crosslinked hydrogels
Although only the tyrosine containing hydrogel was responsive to α-chymotrypsin, both
hydrogel structures were responsive to the reducing agent, tris(2-carboxyethyl) phosphine
(TCEP). TCEP was previously shown to dissolve N,N’-cysteine-bis-acrylamide crosslinked
hydrogels by chemically reducing disulfide bond crosslinks.21

Figure 8 shows the reduction of

both CYKC and CSKC hydrogel structures with a 1 mM TCEP solution at a flow rate of 2 mL·h1

. The time required for complete dissolution of both hydrogel structures was similar and the

difference in dissolution rate is most likely due to a small difference in the crosslinking density.
These results, along with HPLC analysis of α-chymotrypsin degradation of the non-polymerized
peptides (Figure 6), suggest the α-chymotrypsin is selectively recognizing and cleaving the
CYKC sequence in the hydrogel.

Figure 8. Hydrogels crosslinked with CYKC (●) and CSKC (■) subjected to a 1 mM TCEP
solution (pH 7.6) at a flow rate of 2 mL·h-1. Dissolution of both hydrogels is accomplished
within 10 min.

4.7 Botulism neurotoxin responsive hydrogel
In the beginning of this chapter, the techniques required to create a protease responsive
hydrogel were developed. In the following sections, these tools have been utilized to prepare a
hydrogel that is responsive to one of the most harmful and chemically selective proteases known,
botulism neurotoxin (BoNT). BoNT belongs to a group of metal proteases called clostridal
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neurotoxins (CNTs). CNTs impair neuronal exocytosis through specific hydrolysis of essential
signaling proteins called SNAREs.22 The hydrolysis specificity of CNTs is unprecedented
because the proteins use an array of surface exosites to bind to the substrate, which in turn
orients the catalytic site into an active form.23 For example, the minimal sequence required for
BoNT/A recognition (the least specific of the CNTs) is a 17 amino acid long peptide segment
from the SNAP-25 domain.24,25 Therefore, to create a hydrogel responsive to such a specific
protease, a peptide sequence with complexity that has never previously been integrated into a
polymer network before was needed.

4.8

Design of BoNT peptide crosslinker
Because the disulfide exchange approach worked well for the tetrapeptide used as a

crosslinker in an α-chymotrypsin responsive hydrogel, we applied the same technique to a BoNT
recognizable sequence. The BoNT/A protease system was initially chosen because it recognized
the shortest amino acid sequence (17 amino acids, NH2-SNKTRIDEANQRATK{Nle}L-COOH)
and has been well studied.24,25 We felt the shorter peptide sequence would also be beneficial for
increased solid phase synthesis yields and enhanced solubility. To become compatible with the
disulfide exchange approach, two cysteine residues were needed at each end of the peptide. By
modifying the peptide termini we hoped to maintain catalytic recognition of the internal
peptides, while installing a selective chemical handle for modification. The resulting 19 amino
acid long sequence (NH2-CSNKTRIDEANQRATK{Nle}LC-COOH, calcd 2164.47 amu, actual
2164.6 amu), referred to as SNAP-tide in the remaining parts of this chapter, was initially
prepared by the University of Wisconsin biotechnology lab in 92 % yield and 79 % purity.
Scheme 3. Conjugation protocol for the preparation of methacrylamide containing SNAP-tide
NH2-CSNKTRIDEANQRATK{Nle}LC-COOH
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The SNAP-tide sequence (10 mg, 4.6 X 10-6 mol) was reacted with PDTEMA (2.6 mg,
1.0 X 10-5 mol) in a 9:1 mixture of pH 2.5 : acetonitrile mixture (Scheme 3). The HPLC trace of
the SNAP-tide before and after modification can be seen in Figure 9. Several new peptide
conjugates were found in the reaction mixture. Using HPLC-MS, the major product (31.16 min)
was determined to be the correct peptide conjugate with a molecular weight of 2449.6 amu
(calcd 2450.89 amu). The remaining peaks could not be structurally assigned but were assumed
to be a result of the poor starting peptide purity. Because the purity of starting peptide and the
peptide conjugate were so poor, we requested a second synthesis of the SNAP-tide sequence.
The second batch of SNAP-tide sent to us was described as 95 % pure. Unfortunately, an
unknown mistake was made during the synthesis and the resulting “SNAP-tide” had a molecular
weight of 2160.03, which was 4 amu less than the calculated peptide. The HPLC trace of the
newly prepared “SNAP-tide” was also dramatically different with a ~4 min increase in retention

26.5

30.5

25.9
28.7

31.3
4.2

35.2
4.4

24.0
29.9

24.1

32.1

Figure 9 (left). HPLC traces of a 79 % pure SNAP-tide peptide before (top) and after
conjugation with PDTEMA (bottom). The conjugated peptide contained several byproducts
(29.9 min, 32.1 min, etc) that were assumed to be from impurities in the starting peptide.
Unreacted PDTEMA (24.0 min) and 2-thiopyridone (4.2 min) can also be seen in the trace.
*Note scale of the two traces. The top trace is 0-60 min and the bottom is 0-45 min. Therefore
the peaks are shifted in the chromatrograph compared to each other.
Figure 10 (right). HPLC traces of a 95 % pure “SNAP-tide” peptide (not the correct BoNT
recognizable peptide – see text) before (top) and after conjugation with PDTEMA (bottom). The
conjugated peptide (35.2 min) was highly pure with only a small side product at higher retention
time. Unreacted PDTEMA (24.1 min) and 2-thiopyridone (4.4 min) can also be seen in the
trace.
50

time. Even though the peptide was found not to be incorrect, it allowed us to test the disulfide
reaction on a substrate that was highly pure. As can be seen in Figure 10, the HPLC trace of the
starting peptide and the crude coupling products were very clean. The only significant peaks
were the byproduct 2-thiopyridone (4.35 min), unreacted PDTEMA (24.12 min), the major
peptide conjugate (35.19 min), and a byproduct that was not determined (35.90 min). Analysis
of the major peptide conjugate was in agreement with the coupling of two PMDETA monomers
to the peptide. The resulting peptide’s mass was 2445.6 amu, which was 4 amu smaller than the
correct SNAP-tide conjugate (2450.89 amu).

Analyzing the possible reasons for a 4 amu

difference in molecular mass, it was reasoned that one threonine was replaced with a proline.
This mutation (along with a cysteine replaced with a valine) is the only possible substitution that
results in a 4 amu difference in molecular weight. The cysteine mutation can be ruled out
because two PMDETA molecules were conjugated to the peptide during modification. The
HPLC data is consistent with this hypothesis also. Comparing the HPLC traces of the initial 79
% pure SNAP-tide (Figure 9, top) and the second 95 % pure “SNAP-tide” (Figure 10, top)
showed the incorrect peptide eluted ~3.5 min later than the correct peptide. This result is in
agreement with a more hydrophobic peptide like a proline for threonine substitution would
provide. Although not accomplished in time for this thesis, amino acid analysis of the peptide
will be able provide a molar ratio of amino acids in the sequence and may be able to definitely
determine if proline is contained within the peptide sequence.

4.9 SNAP-tide crosslinked hydrogel fabrication and degradation
The peptide conjugate from the 79 % SNAP-tide reaction was carried on to hydrogel
fabrication. A pre-polymer solution was prepared in a similar manner to the α-chymotrypsin
responsive hydrogel. A stock acrylamide solution was created by dissolving acrylamide (30 mg,
4.2 X 10-4 mol), benzoyl(benzyl)trimethyl ammonium chloride (BP+, 6 mg, 2.1 X 10-4 mol), and
N-methyldiethanolamine (NMDA, 12 mg, 1.0 X 10-4 mol) in 190 µL pH 2.5 buffer and 10 µL
acetonitrile. The SNAP-tide conjugate (0.9 mg, 3.7 X 10-7 mol, 1.0 mol %) was dissolved in 20
µL of the acrylamide stock solution and 20 µL of pH 2.5 buffer and vortexed for 5 min. Most of
the peptide was dissolved in the buffer, however there was still some remaining particulate
evident when the solution was visualized using a microscope. Several hydrogel structures were
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prepared by exposing the pre-polymer mixture to UV light for varying amounts of time (0.33 to
4 min, Figure 11). Hydrogels prepared with a minimal amount of UV exposure (0 – 45 sec) were
not stable and were washed away when buffer was used to flush the microchannel.
Alternatively, hydrogels prepared with a UV exposure greater than one minute were not washed
away by the flowing buffer. The rigidity of the resulting hydrogel structures increased with
increasing polymerization time. For short polymerization times (i.e., one min, Figure 11a), the
hydrogels were flimsy and slightly movable by aggressive flowing solutions (but stable for long
periods of time – weeks). Hydrogels polymerized with longer UV exposure times (>2 min) were
rigid and not affected at all by flowing buffer (Figure 11b). These qualitative observations
suggest that the build up of the three-dimensional network increased with increasing exposure
time. Because the ultimate goal is to sense large proteins, we felt that the less polymerized
hydrogels would provide a more realistic opportunity for protease diffusion than a rigid hydrogel
structure.

As a control, polymerization of the stock solution (without added SNAP-tide)

produced hydrogel structures that immediately washed away when flushed with buffer (Figure

a

b

c

Figure 11. Micrographs of hydrogels polymerized with (a and b) and without (c) 1.0 mol %
peptide crosslinker during microchannel rinsing (solution velocity at 1 mL⋅h-1). The hydrogel
without peptide crosslinker was washed away while the hydrogels with crosslinker were rigid
and not washed away. Polymerization times: a = 60 sec, b = 240 sec, c = 240 sec. Scale bar =
200 µm.
11c).
The SNAP-tide conjugate was tested for BoNT activity by Bill Tepp at the University of
Wisconsin.

For a reference peptide, the 17 amino acid long sequence (NH2-

SNKTRIDEANQRATK{Nle}L-COOH) was exposed to a 100 nM solution of BoNT at 37 °C
for 3 days. As shown in Figure 12, around 50 % of the starting peptide (left trace) is hydrolyzed
after incubation. The resulting peptide fragments (Figure 12, right trace, 2.7 min and 4.5 min)
are consistent with products formed from the cleavage of SNARE peptides (i.e., cleavage
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Figure 12. HPLC traces of a reference 17 amino acid long sequence before (left) and after
(right) cleavage with BoNT/A. Around 50 % of the peptide was hydrolyzed after 72 h
incubation in a 200 nM BoNT/A solution at 37 °C.
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Figure 13. HPLC traces of the methacrylamide SNAP-tide conjugate before (left) and after
(right) cleavage with BoNT/A. Around 33 % of the peptide was hydrolyzed after 72 h of
incubation in a 200 nM BoNT/A solution at 37 °C. The resulting activity was less than the
reference peptide (Figure x), however did show that a modified peptide could be recognized and
cleaved by BoNT/A.
between the Q and R peptides).24,25 Because the cleavage products from the 17 amino acid long
sequence could be detected via HPLC, we tested the methacrylamide-conjugated peptide in a
similar manner. As shown in Figure 13, the conjugated peptide (left trace) was also recognized
by BoNT/A. The resulting peptide fragments (Figure 13, right trace, 4.1 min and 6.4 min) have
not been analyzed via HPLC-MS, however the retention times are consistent with cleaved
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peptides from the 17 amino acid long sequence. Although the conjugated peptide was shown to
be hydrolyzed, the rate of catalysis was less than that of the reference peptide. After 72 h,
around 33 % of the peptide had been cleaved. This result is consistent with the high specificity
of the BoNT/A system but does show that the internal 17 amino acids are still playing an
important role in the recognition process.
Because the conjugated peptide sequence could be recognized and cleaved by BoNT in
solution, the ability of BoNT to dissolve a peptide crosslinked hydrogel was tested. SNAP-tide
crosslinked hydrogels were incubating with 20 nM of BoNT/A for around three days. The
resulting hydrogel structures were visibly different after BoNT degradation (Figure 14).
Preliminary results indicate that the rate of hydrogel degradation was dependent on the physical
structure of the hydrogel. For hydrogels polymerized for one min, the structure was almost
completely dissolved (Figure 14b), however, hydrogels polymerized for 4 min were only
partially dissolved (Figure 14a). Further studies to quantify the rate of hydrogel digestion, the

Figure 14. Micrographs of responsive hydrogel before and after incubation with botulinum
neurotoxin. In the presence of the toxin, which is also a protease, the peptide cross-links are
cleaved thus leading to dissolution of the hydrogel. The degree to which the hydrogel is
dissolved depends on the cross-link density, which is determined by the polymerization time. A)
240s B) 60s.
parameters that affect degradation and the responsive behavior of SNAP-tide crosslinked
hydrogels is the presence of BoNT-containing milk samples are in progress. As a final note, the
applications of this system should be discussed. Although the described hydrogel system is
capable of responding to one of the most selective proteases known, there are several drawbacks
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to the current design that would hinder its integration into portable sensing devices. First,
although BoNT/A sensitivity has been demonstrated, false positives arising from less selective
proteases that can recognize and cleave behind a single amino acid would be a major concern.
Second, the time response of this system is very slow. Because the rate determining step of the
hydrogel dissolution is the actual peptide cleavage event, the low turnover number of BoNT/A
with the 17 amino acid long sequence would hinder the time response of the hydrogels.

4.10 Conclusions
In conclusion, we have introduced a new conjugation technique to prepare polymerizable
peptides that is useful for biological sensing and other applications. In this study, we have used
an α-chymotrypsin responsive peptide element as a prototype to determine the optimal
conditions for the preparation and dissolution of poly(acrylamide) hydrogels with proteases.
Degradation under flowing conditions was found to be faster, presumably due to shear forces
that help erode the object; however, soaking the hydrogels in the protease solution followed by
rinsing also provides a visual readout of protease activity. These optimized conditions were used
to create a hydrogel that has unprecedented selectivity from a protease, BoNT/A. The described
conjugation technique might also find utility in materials that will chemically release peptide
reagents in response to a stimulus (reduction of disulfide bonds) or for the preparation of other
biologically relevant bio-polymer hybrids (i.e., DNA, sugars, lipids).

4.11 Experimental section
General Information.

Piperidine, acrylamide (AAm), benzoyl(benzyl)trimethyl

ammonium chloride (BP+), N-methyldiethanolamine (NMDA), ethanedithiol, thioanisole,
dithiothreitol, 2-aldrithiol, cysteamine, methacryloyl chloride, sodium bicarbonate, and
magnesium sulfate were purchased from Aldrich. MBHA resin, HBTU, and all Fmoc protected
amino acids were purchased from ChemImpex. All other reagents and consumables used for
peptide synthesis were purchased from Applied Biosystems. Tris(2-carboxyethyl) phosphine
hydrochloride (TCEP) was purchased from Pierce and α-chymotrypsin was purchased from
Sigma. Glass microscope slides and cover slips, were purchased from Fisher Scientific. All
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reagents were used without further purification. Photomasks were prepared in Adobe Illustrator
and printed on a transparency film with a high resolution printer (5080 dpi, Linotype Herkules
Imagesetter, Heidelberg, Germany). Acrylamide is a known carcinogen and should be handled
with care. Although the degraded hydrogel byproducts (polyacrylamide) should not be toxic,
care in handling the solutions should be used and all waste should be kept in a sealed container
and disposed with aqueous waste.
Hydrogel polymerizations and characterizations were performed on an Olympus EpiFluorescent microscope (BX-60) equipped with a Sony CCD-IRIS/RGB color video camera and
a Panasonic AG-1980 videocassette recorder with monitor. The light source was filtered through
a near UV filter cube with a 360-370 nm bandpass (U-MNUA, type BP360-370). Depending on
the monomer mixture and the transparency of the formed hydrogel, optimal visualization was
accomplished by rotating the filter wheel slightly off normal to produce contrast in the images.
A Harvard Apparatus PHD Programmable syringe pump was used for delivery solutions to the
microchannel. Solid-phase peptide synthesis was accomplished on an Applied Biosystems 433A
Peptide Synthesizer. Reversed phase HPLC analysis of peptides was obtained with a Waters 600
HPLC system and detected using a Waters 2487 dual wavelength detector. Analytical separation
was obtained with a Vydac 218TP54™ C18 reversed phase column and preparative separation
was obtained with a Vydac 218TP1022™ C18 reverse phase column. Synthesis of N-[2-(2Pyridyldithio)]ethyl Methacrylamide (PDTEMA) was accomplished using a previously reported
procedure.18

1

H NMR spectra were obtained on a Varian Utility 500 MHz or Varian Utility

Inova 500 MHz Narrow Bore spectrometer. Chemical shifts are expressed in parts per million
(δ) using the residual solvent peak as the internal standard.
Fabrication of Microchannels. Microchannels were constructed by applying two strips
of Scotch double-sided tape approximately 2 mm apart on a 75 X 50 X 1 mm Fisher Scientific
glass microscope slide. A 22 X 50 X 180 glass coverslip was used to sandwich the double-sided
tape and enclose the microchannel, resulting in a depth of ~180 µm. Plastic pipette tips cut to 1”
in length were fastened to the ends of the microchannel with DURO Quick Set® epoxy resin and
allowed to set overnight.
Synthesis of Tetrapeptides. Ac-Cys-Tyr-Lys-Cys-NH2 and Ac-Cys-Ser-Lys-Cys-NH2.
The tetrapeptides were synthesized on the solid phase with the 433A synthesizer from Applied
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Biosystems, on a 0.25 mmol scale with 4X excess of amino acid, using standard
Fmoc/HBTU/HOBt chemistry on a MBHA resin. The peptides were cleaved off the resin
through 4 h of gentle shaking in a solution containing trifluoroacetic acid (4 mL), ethanedithiol
(200 µL), thioanisole (100 µL), millipore water (200 µL), and phenol (0.3 g). The resin was
removed by filtration, and the filtrate was dropped into cold ether (30 mL) to precipitate the
peptide.

The mixture was centrifuged and the solution was decanted.

procedure was repeated three times.

This precipitation

The peptide was then dissolved in 4 mL of 4:1

acetonitrile/millipore water and lyophilized. The solvent system of the HPLC was as follows:
Solvent A (H2O with 0.01% TFA), Solvent B (80:20 MeCN:H2O with 0.08% TFA). All of the
analytical HPLC experiments in this paper were run with 100% of Solvent A to 80% of Solvent
B over 70 min, at 214 nm and a flow rate of 1 mL/min. Ac-Cys-Tyr-Lys-Cys-NH2: LR-MS
(ESI); calcd. = 556.7; actual = 557.1; Ac-Cys-Ser-Lys-Cys-NH2: LR-MS (ESI); calcd. = 480.6;
actual = 481.2.
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Ac-Cys-Tyr-Lys-Cys-NH2

Peptide

Crosslinker.

Ac-Cys(S-

SCH2CH2NHCOC(CH3)=CH2)-Tyr-Lys-Cys(S-SCH2CH2NHCOC(CH3)=CH2)-NH2. A 15 mL
plastic centrifuge tube was charged with Ac-Cys-Tyr-Lys-Cys-NH2 (28.7 mg, 5.2 X 10-5 mol)
and PDTEMA (21.0 mg, 8.3 X 10-5 mol), and dissolved in a 1:1 mixture of pH 2.5 phosphate
buffer (0.2M, 400 µL) and acetonitrile (400 µL). The solution was vortexed for 10 min and the
reaction progress was monitored by analytical, reverse phase HPLC with a solvent ramp of 100%
water with 0.1 % TFA to 20:80 water:acetonitrile with 0.08% TFA over 70 min at 1 mL/min.
The resulting reaction mixture was centrifuged for 5 min and decanted to remove the precipitate
that formed during the reaction. The decanted solution was injected onto a preparative scale
Vydac C18 reverse phase column (#218TP1022) and run in the gradient mode from 100% H2O
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(0.1% TFA) to 20:80 H2O:CH3CN (0.08% TFA) over 70 min, at 10 mL/min.

After

lyophilization of the product fraction, 25.1 mg of product was obtained (62.4 %). 1H NMR (500
MHz, DMSO): δ 1.29 (m, 2H), 1.52 (m, 2H), 1.66 (m, 1H), 1.83 (s, 9H), 2.51 (m, 2H), 2.70-2.83
(bm, 6H), 2.92 (m, 2H), 2.98 (dd, J = 13.38, 4.95, 1H), 3.13 (dd, J = 13.59, 5.15 Hz, 1H), 4.22
(q, J = 13.5, 8.12 Hz, 1H), 4.37-4.49 (m, 3H), 5.32 (m, 2H), 5.65 (s, 2H), 6.60 (d, J = 8.54 Hz,
2H), 6.96 (d, J = 8.36 Hz, 2H), 7.25 (s, 1H), 7.44 (s, 1H), 7.6 (bm, 1H), 7.92 (d, J = 7.75 Hz,
1H), 8.07 (t, J = 5.96 Hz, 1H), 8.11 (d, J = 7.9 Hz, 1H), 8.19 (d, J = 8.22 Hz, 1H); 13C NMR (400
MHz, DMSO): δ 19.26, 22.83, 23.16, 27.30, 37.48, 37.60, 39.02, 39.40, 39.59, 39.81, 40.02,
52.46, 52.56, 53.23, 54.83, 115.48, 120.03, 121.88, 128.11, 130.84, 138.51, 140.36, 156.44,
168.22, 168.26, 170.28, 170.59, 171.69, 172.04, 172.18. LR-MS (ESI); calcd. = 843.12; actual =
843.6.
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Synthesis

of

O

Ac-Cys-Ser-Lys-Cys-NH2

Peptide

Crosslinker.

Ac-Cys(S-

SCH2CH2NHCOC(CH3)=CH2)-Ser-Lys-Cys(S-SCH2CH2NHCOC(CH3)=CH2)-NH2.

A

15
-5

mL plastic centrifuge tube was charged with Ac-Cys-Serr-Lys-Cys-NH2 (21.0 mg, 4.37 X 10 l)
and PDTEMA (20.0 mg,7.9 X 10-5 mol), and dissolved in a 1:1 mixture of pH 2.5 phosphate
buffer (0.2M, 400 µL) and acetonitrile (400 µL). The solution was vortexed for 10 min and the
reaction progress was monitored by analytical, reverse phase HPLC with a solvent ramp of 100%
water with 0.1 % TFA to 20:80 water:acetonitrile with 0.08% TFA over 70 min at 1 mL/min.
The resulting reaction mixture was centrifuged for 5 min and decanted to remove the precipitate
that formed during the reaction. The decanted solution was injected onto a preparative scale
Vydac C18 reverse phase column (#218TP1022) and run in the gradient mode from 100% H2O
(0.1% TFA) to 20:80 H2O:CH3CN (0.08% TFA) over 70 min, at 10 mL/min.

After

lyophilization of the product fraction, 19.8 mg of product was obtained (64.5 %). 1H NMR (500
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MHz, DMSO): δ 1.31 (m, 2H), 1.49 (m, 2H), 1.56 (m, 1H), 1.71 (m, 1H , 1.84 (s, 6H), 1.86 (s,
3H), 2.52 (m, 2H), 2.72 (m, 2H), 2.78-2.87 (m, 6H), 2.94 (dd, J = 13.46, 9.74 Hz, 1H), 3.07 (dd,
J = 13.45, 5.05 Hz, 1H), 3.14 (dd, J = 13.43, 4.23 Hz, 1H), 3.60 (m, 2H), 4.13 (m, 1H), 4.20 (m,
1H), 4.40 (m, 1H), 4.52 (m, 1H), 5.33 (q, J = 12.30, 6.13 Hz, 2H), 5.65 (s, 2H), 7.18 (s,1H), 7.22
(s, 1H), 7.60 (bm, 1H), 7.98 (d, J = 8.43, 1H), 8.08 (t, J = 5.64, 1H), 8.15 (d, J = 7.36 1H), 8.27
(t, J = 7.89, 1H);

13

C NMR was unattainable due to low solubility. 10 mg of peptide was

dissolved in 1 mL DMSO and ran on 500 MHz NMR for 7 h. Not enough signal was obtained
for analysis. LR-MS (ESI); calcd. = 767.02; actual = 767.4.
Cleavage of the Peptide Crosslinker with α-Chymotrypsin.

Each of the

methacrylamide containing peptide crosslinkers (Ac-Cys-Tyr-Lys-Cys-NH2 and Ac-Cys-SerLys-Cys-NH2) (1 mg) was dissolved in 1 mL of PBS buffer and characterized by reverse-phase
HPLC. Exactly 100 µL of a α-chymotrypsin solution (1 mg/mL in PBS buffer) was added to the
solution and the combined reaction mixture was vortexed for 30 minutes. The reaction was
analyzed by reverse-phase HPLC.
Preparation of Acrylamide Pre-Polymer Solution with the Tyrosine Containing
Peptide

Crosslinker.

Ac-Cys(S-SCH2CH2NHCOC(CH3)=CH2)-Tyr-Lys-Cys(S-

SCH2CH2NHCOC(CH3)=CH2)-NH2. A 1 mL vial was charged with Ac-Cys-Tyr-Lys-CysNH2 (2 mg, 3.6 X 10-6 mol) and PDTEMA (2 mg, 7.9 X 10-6 mol) and dissolved in phosphate
buffer (0.2 M, 90 µL, pH 2.5) and acetonitrile (10 µL). The mixture was vortexed for 10 min.
Acylamide (30 mg, 4.2 X 10-4 mol), BP+ (BP+, 6 mg, 2.1 X 10-4 mol), and Nmethyldiethanolamine (NDA, 12 mg, 1.0 X 10-4) were added. 100 µL of this stock solution was
diluted with 100 µL pH 2.5 phosphate buffer and vortexed for 2 min.
Preparation of the Acrylamide Pre-Polymer solution with Serine Containing
Peptide

Crosslinker

Ac-Cys(S-SCH2CH2NHCOC(CH3)=CH2)-Ser-Lys-Cys(S-

SCH2CH2NHCOC(CH3)=CH2)-NH2. A 1 mL vial was charged with Ac-Cys-Ser-Lys-CysNH2 (2 mg, 4.2 X 10-6 mol) and PDTEMA (2 mg, 7.9 X 10-6 mol) and dissolved in phosphate
buffer (0.2 M, 90 µL, pH 2.5) and acetonitrile (10 µL). The mixture was vortexed for 10 min.
Acylamide (30 mg, 4.2 X 10-4), (4-benzoylbenzyl)trimethylammonium chloride (BP+, 6 mg, 2.1
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X 10-4), and N-methyldiethanolamine (NMDA, 12 mg, 1.0 X 10-4) were added. 100 µL of this
stock solution was diluted with 100 µL pH 2.5 phosphate buffer and vortexed for 2 min.
Polymerization of AAm prepolymer solutions. A prepolymer solution containing a
peptide crosslinker (10 µL) was added to a pre-constructed microchannel with a channel width
of ca. 2 mm and a height of 180 µm. A photomask containing a 420 µm circle was aligned over
the channel and UV light was irradiated onto the sample for 60 sec. The resulting hydrogel was
rinsed with water until no residual polymer was found to be leaching from within the structure.
α-Chymotrypsin Degradation of the Peptide Crosslinked Hydrogel.

The test

hydrogel containing tyrosine and the control hydrogel containing serine were polymerized in the
same microchannel.

The pre-polymer solution with the tyrosine peptide crosslinker was

introduced into the microchannel first, photopolymerized, and rinsed gently with PBS buffer.
The microchannel was then filled and rinsed twice with the pre-polymer solution containing the
serine peptide crosslinker. A 0.5 mg/mL solution of α-chymotrypsin was prepared in PBS buffer
and flowed through the microchannel at 2 mL·hr-1 for 30 min, and then at 0.5 mL·hr-1 for 12 h.
TCEP Degradation of the Peptide Crosslinked Hydrogels. A 1 mM solution of TCEP
in PBS was flowed through the microchannel at 2 mL·hr-1.
Synthesis of SNAP-tide 19 amino acid long sequence. The amino acid sequence NH2CSNKTRIDEANQRATK{Nle}LC-COOH was synthesized at the University of Wisconsin
Biotechnology Center on a 133-micromole scale.
Preparation of methacrylamide containing SNAP-tide. The SNAP-tide sequence (10
mg, 4.6 X 10-6 mol) and PDTEMA (2.6 mg , 1.0 X 10-5 mol) were dissolved in a 9:1 mixture of
pH 2.5 : acetonitrile mixture (600 µL) inside a 1.5 mL eppendorf. After 1.5 h of reaction the
mixture was purified by prepatory HPLC. Analytical (1 mL⋅min-1) and preparatory (10 mL⋅min1

) HPLC was carried out using a C18 reverse phase columns with a gradient of 93:7 A : B to

50:50 A:B over 45 min. A = H2O w/ 0.1 % TFA, B = 20:80 H2O : acetonitrile w/ 0.08 % TFA.
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SNAP-tide and hydrogel degradations. Degradation experiments were carried out by
Bill Tepp in Professor Eric Johnson’s group at the University of Illinois.
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Chapter 5
Surface Modified Hydrogels for Surface Localized Chemoselective Ligation*
5.1

Introduction
Surface modifications of polymeric materials have found importance in a multitude of

applications as they provide the opportunity to transform inexpensive polymers with desirable
bulk properties into specialized materials.1 Surface modifications have been employed to alter
the polymer’s chemical composition, hydrophilicity, crosslink density, biocompatibility, and
adhesion.1 Relevant to the work described herein, polymer modification techniques that utilize
solution-phase, organic reactions to perform oxidations,2 reductions,3 and couplings4 at the
polymer surface have previously been reported. Through these conventional transformations, the
polymer can be tailored to display the chemical and physical characteristics needed for a specific
application.
Hydrogels are materials that can benefit from surface modifications as they are typically
prepared from simple monomers and exhibit high water affinity. Typical monomers used for
hydrogel preparation comprise of alcohol, amine, or carboxylic acid pendant groups that can be
modified through common solution-phase transformations to expand the functionality of the
polymer network. These modified hydrogels have been utilized for increasing biocompatibility,5
and for controlled hydrogel swelling with potential applications ranging from controlled drug
delivery6 to biosensing.7
To increase hydrogel biocompatibility, hydrolysis of poly(hydroxyethyl)methacrylate
hydrogels with aqueous solutions of NaOH at >90ºC led to surface localized carboxylic acid
groups.5 Other work has focused on the immobilization of lipids to microscopic hydrogel
surfaces to create “artificial cells”8 and to create mimics of the secretory granule for drug
delivery.6,9 More recently, pH-responsive hydrogels with covalent attached alkyl chains where
similarly shown to maintain an ion concentration gradient between the interior and exterior of the
hydrogel that could be disrupted through physical or chemical means.10,11 While these examples
*

Reprinted in part with permission from Macromolecules 2003 36, 3960-3966. Copyright 2003
American Chemical Society.
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show that hydrogels can be surface modified, there is need for a detailed understanding of the
modification process. Additionally, the development of new hydrogels that can be modified in a
controlled manner with minimal perturbation of the hydrogel properties while setting in place the
chemistry that enables aqueous conjugations to proteins, nucleic acids or other bioactive
molecules would be beneficial for many applications.7

5.2

Design of chemoselective ligation capable hydrogel
Herein, we describe a hydrogel that is ideally suited for surface localized chemoselective

ligation. Chemoselective ligation refers to controlled coupling of two mutually and uniquely
reactive functional groups in aqueous solutions and is typically used for the conjugation of
peptides or other biological molecules.12 Hydrogels designed for chemoselective ligation will
have utility for biochip fabrication since biomolecules can be immobilized in their native states.
This hydrogel is based on the 1,2-diol containing monomer glycerol monomethacrylate
(GMM).13 Hydrogels from GMM are easily prepared inside a microchannel following in situ
photopolymerization procedures that have been described earlier (Chapter 1) and in the
literature.11 GMM hydrogels have previously been shown to behave as ideal elastic networks
with high water affinity and therefore provide an excellent scaffold for aqueous reactions and
immobilization.13 Oxidation of the hydrogel surface with sodium periodate (NaIO4) produces an
aldehyde rich exterior with a diol-functionalized interior (Figure 1). This strategy maintains the
desired bulk properties of the GMM hydrogel, while placing chemically reactive functionality at
the surface. Once the aldehyde functionality is installed, the reactive surface allows for the

Figure 1. Schematic representation of the NaIO4 oxidation of a cylindrical GMM hydrogel.
Oxidation, which is located near the surface, preserves the bulk properties of the hydrogel while
providing a reactive shell for the chemoselective ligation of molecules.
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chemoselective ligation of a variety of molecules including aminooxy, hydrazide, or Nterminated cysteine functionalized molecules (Scheme 1),12,14 as well as the conjugation of
amines through typical reductive amination techniques.15
Scheme 1. Chemoselective ligation of an aldehyde with an aminooxy functionized molecule.
Reactions are accomplished in aqueous buffers at room temperature.

Described below is a systematic study of the surface oxidation reaction on GMM
hydrogels. One of the aims was to create a thin, concentrated layer of aldehyde functionality on
the hydrogel perimeter without disturbing the interior properties. Reaction conditions such as
temperature, oxidant concentration, flow rate, and reaction time of oxidation were varied to find
the dependence on the oxidation depth. Computational modeling has been employed to provide
insight into the competition between the rate of diffusion of NaIO4 into the hydrogel and the rate
of conversion of diol to aldehyde. Using optimized procedures, three microfluidic devices were
prepared.

Fluorescently labeled proteins were immobilized via reductive amination (5.7),

aminooxy-n-alkyl molecules were immobilized to produce hydrogels that can create a chemical
gradient (5.8), and finally fluorescently labeled lipid vesicles were immobilized in a one step
process to produce a lipid layer surrounding the hydrogel (5.9). These studies demonstrate an
important

step

in

creating

a

new

pH-responsive

scaffold

bearing

immobilized

biomacromolecules.

5.3

Mathematical models and simulations
Oxidation mechanism. Oxidation of the 1,2-diol containing hydrogel (GMM) was

accomplished using aqueous solutions of sodium periodate (NaIO4).16,17 Because the hydrogel is
a porous, water-solvated polymer network, periodate ions migrate from the exterior, oxidizing
the 1,2-diols into aldehydes as they penetrate into the hydrogel. To analyze the reaction and
diffusion events, a kinetic model is needed. The oxidation pathway (Scheme 2) reversibly forms
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an ester intermediate (C), which can either reform starting materials (A and B), or irreversibly

Scheme 2. Oxidation of a 1,2-diol with NaIO4.

form the aldehyde product (D).
Transport of ions.

The migration of the periodate ion through the hydrogel was

modeled using a coupled transient Nernst-Planck equation18,19 and Poisson equation20 as a onedimensional process. The variation in concentrations of the reactants was also incorporated into
the model by using the chemical rate equations for the oxidation process.17,21-23 The total flux of
ions was predicted using the Nernst-Plank equation which includes the fluxes due to the
concentration gradient, electrical migration and convection of the oxidizing reagent:18,19

∂c
∂ψ 

Γ k = φ  − Dk k − µk zk ck
+ ckU
∂x
∂x 


(1)

Here, Γk is the flux of the kth ion, φ is the gel porosity, Dk is the effective diffusivity of the kth
ion inside the hydrogel, ck is the concentration of the kth ionic species inside the hydrogel, µ k is
the effective ionic mobility, zk is the valence of the kth ion, ψ is the electric potential, U is the
area-averaged fluid velocity relative to the polymer network, and x is the coordinate system.
The Einstein relation relates diffusivity to ionic mobility,24

Dk =

µ k RT
F

(2)

where R is the universal gas constant, T is the absolute temperature and F is Faraday’s constant.
The gel porosity is assumed to follow the relation
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φ=

H
1+ H

(3)

where H is the hydration state of the gel and is defined as the ratio of the volume of the fluid to
the volume of the solid in the gel.25
Because the reaction is occurring inside a swollen hydrogel, the transport of ions is
limited to regions containing fluid and therefore an obstruction model was need. The presence of
polymer chains, which are impenetrable to mobile ions, increases the path length an ion travels,
resulting in a slower diffusion rate. Mackie and Meares introduced a statistical model for the
tortuosity of a cross-linked polymer membrane as seen by small ions which do not interact with
the membrane.26 According to that model, the effective diffusion rate inside the gel can be
related to the diffusion in aqueous solution through an obstruction model:

Dk  H 
=

Dk  2 + H 

2

(4)

In certain cases the effective diffusivity of ions in an ionic hydrogel may be affected by
the electrostatic interaction of the ions and the fixed charges on the polymer backbone.27
However, the effective diffusivity model given above does not take into account the effect of the
electrostatic interaction between the fixed charges and the periodate ions. These interactions are
negligible compared to the obstruction and tortuosity effects, which are considered in the
statistical model.28 The effective diffusivity model (eq 4) has no fitting parameter and has been
used successfully by De et. al.29, Nussbaum25 and Mackie et. al.26 for modeling the diffusion of
ions inside an ionic hydrogel.
Applying continuity condition in one dimension provides
∂ (Γ k )
∂
( ck ) = −
∂t
∂x

(5)

where t is the time. From eq 1 and eq 5, the continuity equation for ion concentration is given
by:

68

∂
∂  H   ∂ck
∂ψ 1 + H

+ µ k ck
−
ckU  
( ck ) = 
  Dk
∂t
∂x  1 + H  
∂x
∂x
H


(6)

Because the convective velocity was not significant (as shown experimentally), eq 6 could be
rewritten as:
∂
∂  H
( ck ) = 
∂t
∂x  1 + H

∂ψ  
  ∂ck
+ µ k ck
 Dk
∂x
∂x  


(7)

The Poisson equation was then employed to compute the electrostatic potential and the electric
field:20
∂ 2ψ
F  N

=
−
zk ck 
∑

2
∂x
εε 0  k =1


(8)

where ε 0 is the dielectric constant of the vacuum and ε is the relative dielectric constant of the
solvent. The coupled Nernst-Planck (eq 7) and Poisson equation (eq 8) were used to obtain the
concentrations of the migrating ions.

The Dirichlet boundary conditions are used for the

electrical potential and the concentration of various ionic species. The bath concentration is
specified as the dirichlet boundary condition. As no external potential is applied the specified
electrical potential is zero.
Reactions. From Scheme 2 the net rate of formation of intermediate C (i.e., the ester) is
given by:
∂ [ C]
= k f [ A ][ B] − k b [ C] − k p [ C]
∂t

(9)

and the net rate of formation of product D (i.e., the aldehyde) is given by:
∂ [ D]
= k p [ C]
∂t
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(10)

Finally, knowing that the concentrations of all species (i.e., starting materials, intermediates, and
products) must be equal to the initial concentration, we get the following equation:

[ A ] + [C] + [ D] = [ A ]0

(11)

where [ A ]0 is the initial concentration of the diol (A), and was kept constant (1.75 M) for all
cases.30
Combination of eqs 9, 10 and 11 provided the following second order partial differential
equation with respect to [D]:
∂2 [ D] ∂[ D]
+
{kb +kp +kf [B]} +[D]{kf [B] kp} = kf [A]0 [B] kp
∂t2
∂t

(12)

After using eq 7 to obtain the concentration of diffused periodate, eq 12 was used to
obtain the concentration profile of the aldehyde, which is the final oxidized product. The two
initial conditions for the kinetic equations (eq 12) are [D] = 0 and d[D]/dt = 0. The second
condition is valid because d[D]/dt ∝ [C] and [C] is zero at t = 0. To obtain the time derivative of
periodate ion (i.e., [B]), backward differencing in time was used.
We assume that the reaction rates are related to the temperature by the Arrhenius
equation where three separate activation energy parameters are needed for the three rate
constants (kf, kb, and kp) as shown in Scheme 2. Previously reported experimental values of the
activation energy parameters were used.17 The dependence of the reaction rate constants and the
activation energy parameter on the concentration of the diol or periodate species was neglected
as the concentration of diol was significantly higher than that of the periodate ions.22
As the governing equations of the model just described are coupled to each other,
analytical solution of these equations is impossible. Rather, the finite cloud method was used for
solving the governing equations numerically.31,32 Figure 2 shows the iterative process used to
solve the coupled equations. First, the Nernst-Planck equation (eq 7) is solved to find the
concentration of periodate ions inside the hydrogel. With the concentrations of the various ions
in hand, the Poisson equation (eq 8) is solved to compute the electrical potential and the
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electrical field. Since these two equations (i.e., the Nernst-Planck equation and the Poisson
equation) are coupled, they are solved iteratively to obtain a self-consistent solution for the
electrical potential,ψ , and the concentrations of the ions, ck. The concentration of the final
oxidized product (i.e., aldehyde) is then computed from the chemical rate (eq 12) and the
oxidation depth obtained from the concentration profile of the aldehyde.

Figure 2. Flow chart used to solve the coupled equations within a time loop. The term
“tolerance 1” and “tolerance 2” stand for the tolerance used to determine if the solution has
converged. The value was set at 10-5.

5.4

Preparation of GMM:AA hydrogels
Hydrogels consisting of a 3:1 GMM33 : acrylic acid (AA) monomer mixture with one

mole % ethylene glycol dimethacrylate (EGDMA) as an inert crosslinker and 2,2-dimethoxy-2phenyl-acetophenone (DMPA) as a photoinitiator (Chart 1) were successfully prepared in
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Chart 1. Chemical structures of hydrogel components. Monomers: glycerol monomethacrylate
(GMM), and acrylic acid (AA). Crosslinker: ethylene glycol dimethacrylate (EGDMA).
Photoinitiator: 2,2-dimethoxy-2-phenyl-acetophenone (DMPA).

microchannels by the methods we have previously reported for other hydrogels (Chapter 2).11
The pre-polymer solution was injected into a pre-fabricated glass microchannel and allowed to
reach a quiescent state. A photomask containing a 400 µm circle was then positioned on top of
the glass microchannel and exposed to UV light from a standard fluorescent microscope for 50 s.
Remaining monomer was then flushed away with successive washes of water and methanol. The
hydrogels were left to bathe in water, where they reached an equilibrium diameter of
approximately 700 µm (Figure 3a). The prepared hydrogels had good mechanical strength and
did not deform when subjected to high volumetric flow rates through the channel (>6.5 mL·min1

). Due to the acrylic acid in the polymer backbone, the hydrogels were pH-responsive and

expanded (~1000 µm) when exposed to a pH 7.6 phosphate buffer.

5.5

Probing oxidation depth with confocal microscopy
The in situ surface modification of GMM-co-AA hydrogels was carried out using

aqueous solutions of NaIO4 to achieve the conversion of the GMM’s 1,2-diol into the
corresponding aldehyde. The reaction between NaIO4 and 1,2-diols has been documented as a
fast reaction that is mild enough to be used on living cells.34,35 Owing to the mild and aqueous
reaction conditions, this modification scheme was thought to be beneficial to the chemical
integrity of the polymer backbone (i.e., no oxidative cleavage) and to the adhesive materials used
in fabricating the microchannel. The aqueous oxidation conditions were also advantageous as no
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a

b

Figure 3 (left). An optical micrograph of a swollen hydrogel prepared using the photomask
shown as an inset (a). The resulting diameter of the hydrogel is ca. 700 µm with a height of 180
µm. Scale bar = 250 µm. A confocal microscope 3-D image (b) of a 3:1 GMM-co-AA hydrogel
after being (i) oxidized with a 10 mM NaIO4 solution for 10 min, (ii) fluorescently labeled using
a 0.1 mM lucifer yellow : 10 mM semicarbazide solution in pH 7.6 buffer, and (iii) de-swelled
by soaking the hydrogel in a pH 2.05 buffer. The green color is indicative of the fluorescence
intensity emitted by lucifer yellow. Fluorescence is only observed in the areas oxidized by
NaIO4.
Figure 4 (right). Fluorescent labeling solution was composed of a 0.1 mM lucifer yellow (1)
and 10 mM semicarbazide hydrochloride (2) in a pH 7.6 phosphate buffer.

significant polymer re-organization at the surface was expected, as would occur in changing
from aqueous to organic solvents and vise versa.
Oxidation of the GMM-co-AA hydrogels was optimized to achieve a thin, near-surface
modification by systematically varying conditions including NaIO4 concentration, flow rates,
reaction times, and temperature. After the desired oxidation time was completed, excess water
was flushed through the channel to remove residual oxidant and to stop the modification process.
Derivitization with lucifer yellow was then used to quantitatively measure the oxidation depth.
Lucifer yellow is a water-soluble fluorescent dye containing a carbohydrazide functional group
that conjugates selectively to aldehydes (Figure 4).36 Combining the fluorescent dye with a 100fold excess of a non-fluorescent molecule (semicarbazide hydrochloride) in a pH 7.6 phosphate
buffer provided conditions for the expansion and fluorescent labeling of the hydrogel. At this
pH, the hydrogel expanded, which allowed for the fast diffusion of the dye into the polymer
network. Following fluorescent labeling, the hydrogel was collapsed to near its original diameter
with an acidic buffer (pH 2.05). Although surface re-organization occurs during the swelling and
shrinking process, we assume the large depth of oxidation (>10 µm) makes this effect
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1 min

25 min

50 min

75 min

100 min
Increasing Concentration

10 mM
NaIO4

10 min

250 µm

50 mM
NaIO4
100 mM
NaIO4
Increasing Time

Figure 5. Confocal images of 18 lucifer yellow-labeled hydrogels oxidized for different times at
various NaIO4 concentrations. The oxidation depth visibly increased as the reaction time or
oxidant concentration increased. Images shown are at half-height of the hydrogel cylinder as
found by z-sectioning. The dark ring found in 50 mM, 50 min and 100 mM, 25 min is most
likely due to the hydrogel tearing during the de-swelling process, causing two polymer domains
to form.

insignificant.

Confocal microscopy was then employed to visualize the fluorescent probes

located throughout the structure (Figure 3b). The middle height of the hydrogel cylinder was
used for oxidation depth measurements, as the top and bottom are in contact with the glass
cartridge. This contact caused the middle of the hydrogel to have a slightly increased diameter
(~20 µm) compared to the top and bottom which is most likely caused by the physical contact
between the hydrogel and the glass surface. The middle of the hydrogel cylinder, which was the
widest cross section with the most fluorescence intensity, was found by scanning the z-axis. As
a control, a non-oxidized hydrogel was subjected to the fluorescent labeling solution but showed
no visible fluorescence indicating that all non-conjugated lucifer yellow was washed from the
hydrogel.
Due to the porosity of the hydrogel, the depth of oxidation is expected to be controlled by
both the diffusion of NaIO4 into the polymer network as well as the oxidation rate. The effect of
concentration and time on the hydrogel oxidation was investigated by subjecting a series of
hydrogels to systematic changes in reaction conditions. Three concentrations of NaIO4 were
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chosen so that the oxidation depth could be monitored over a reasonable amount of time (1 – 100
min) without fully oxidizing the sample. The oxidation depth was defined as the average
distance into the hydrogel (two sides) that contained visible fluorescence. As shown in Figure 5,
increasing the concentration of NaIO4 or increasing the reaction time led to significant changes
in the oxidation depth. The oxidation depth could be controlled between 30 and 200 µm (Figure
5) by simply changing the NaIO4 concentration or subjecting the hydrogel to longer oxidation
times. As the NaIO4 diffuses through the hydrogel, it is consumed and further reactions are
negated; however, an increase in the concentration or exposure time allowed for a larger flux of
NaIO4 to enter the gel, allowing for more oxidation to occur. The increase in oxidation depth
was also consistent with the chemical reaction’s dependence on both the diol and NaIO4
concentrations.37
As shown by the concentration and time dependent oxidation of the hydrogels, the
diffusion of NaIO4 into the polymer matrix is competitive with the rate of the reaction. Because
the hydrogel is located within a microchannel and the oxidizing solution is being flown around it,
a second diffusion term (convection) was evaluated. Convection is the transport of molecules
arising from the motion of a streaming fluid,38 which can replenish reactants that are consumed
or diffuse away. Both diffusion and convection are additive and combine to affect the NaIO4
concentration profile. To find the significance of convection, flow rates were varied over an
order of magnitude (0.32 – 5.0 mL⋅min-1); however, hydrogels subjected to increased flow rates
showed no sign of larger oxidation depths (Figure 6).
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Figure 6 (left). Hydrogel oxidation depth as a function of flow rate. No increase in oxidation
depth is observed with larger flow rates.
Figure 7 (right). Calibration curve of fluorescence intensity versus concentration of Lucifer
yellow. Threshold chosen as 0.5°10-4 M.
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convection process, this term was omitted from the modeling portion.
Simulations of the oxidation process were accomplished by combining the NernstPlanck, Poisson, Arrhenius, and oxidation rate equations. To simulate the experimental aldehyde
concentration, a calibration curve of fluorescence intensity versus lucifer yellow concentration
was prepared (Figure 7). Using this response factor, and the initial concentration of 1,2-diol in
the hydrogel (1.75 M), simulations were able to compare favorably with experimental data and
could be used to predict the concentration of aldehyde functionality at various locations in the
hydrogel (Figure 8). The simulated oxidation of a GMM-co-AA hydrogel with a 50 mM NaIO4
solution and increasing reaction time (1-100 min) is shown in Figure 9. The concentration of
aldehyde is plotted against the normalized distance, which is relative to the diameter of the
hydrogel. As expected, the concentration of aldehyde is maximized near the hydrogel-solution
interface and decreases toward the center of the hydrogel. The modeling indicates that about
87% of the diol at the hydrogel-solution interface is oxidized when a 50 mM NaIO4 solution is
flowed through the channel for 100 min. Similarly, a simulated 10 min oxidation of a GMM-coAA hydrogel with increasing concentrations of NaIO4 is shown in Figure 10. As expected, the

Figure 8. Experimental and simulated data for hydrogel oxidation as a function of reaction time.
Experimental data points for: 10 mM (´), 50 mM (), and 100 mM (z). Simulations are
shown by solid (10 mM), dashed (50 mM), and dashed-dot (100 mM) lines.
Figure 9. Simulation of a 50 mM NaIO4 oxidation and the build up of aldehyde concentration
[D] as a function of position along the hydrogel diameter as the reaction time is increased. Time
points: 0 min (▬), 16 min (▬), 36 min (▬), 64 min (▬), 100 min (▬).
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Figure 10. Simulation of a hydrogel oxidized for 10 min with increasing concentrations of
NaIO4 as a function of position along the hydrogel diameter. NaIO4 concentrations: 0 mM (▬ ),
20 mM (▬), 40 mM (▬), 80 mM (▬), 120 mM (▬), 180 mM (▬).

increase in ion flux due to increased concentrations of NaIO4 resulted in increased oxidation over
the reaction time. The simulation indicates that a 180 mM NaIO4 solution and a 10 min
oxidation time will oxidize about 92% of diol to aldehyde at the hydrogel-solution interface.
These simulations show that although we can achieve high oxidation concentrations at the
hydrogel-solution boundary, diffusion of the oxidant into the hydrogel diminishes the oxidation
gradient at extended oxidation times.
The effect of temperature on the hydrogel oxidation was also explored. Heating or
cooling of the hydrogel was accomplished by submersing the microchannel in a water bath at the
desired temperature.

Four reaction temperatures (0, 23, 50, and 80 °C) and three NaIO4

concentrations (10-, 50-, and 100-mM) were utilized for the hydrogel oxidations over a 10 min
period (Figure 11).

As expected, the oxidation depth of the hydrogel increased when higher

temperatures were used (Figure 12). This data was modeled by including the Arrhenius equation
and the results are consistent with the higher oxidation depth being primarily caused by an
increased oxidation rate.
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Figure 11. Confocal images of 12 lucifer yellow-labeled hydrogels oxidized with different
NaIO4 concentrations and various temperatures. Images shown are at half-height of the
hydrogel as found by z-sectioning. Irregular shaped hydrogels were a consequence of the deswelling process. The effect may be due to increased interactions between the glass and the
modified hydrogels.

Figure 12. Experimental and simulated data for hydrogel oxidation as a function of temperature.
Oxidations were carried out for 10 min. NaIO4 concentrations: 10 mM (´), 50 mM (), and
100 mM (z). Simulations are shown by solid (10 mM), dashed (50 mM), and dashed-dot (100
mM) lines.
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5.6

Oxidation of porous GMM:AA hydrogels
Although the remaining sections of this chapter describe applications of the surface-

modified hydrogels described above, oxidations of highly porous GMM hydrogels have also
been studied. Previous work in the Moore group has shown that the addition of surfactants to
pre-polymer mixtures followed by photopolymerization can provide highly porous materials that
enable faster diffusion rates.39 Using an adapted procedure, 18 % Brij 58 (a nonionic surfactant)
was added to a typical GMM:AA pre-polymer mixture. The oxidation profiles obtained for
surfactant containing hydrogels were dramatically different from hydrogels that did not contain
surfactant. For comparison, hydrogels prepared with (Figure 13a) and without (Figure 13b) 18
% Brij were oxidized with 10 mM NaIO4 solution for 50 min. After fluorescent labeling, the
Brij containing hydrogels were found to be oxidized throughout the whole structure while the
non-Brij containing hydrogels were only oxidized at the surface. The extended oxidation of the
Brij containing hydrogel suggests that the hydrogel structure was highly porous and allowed the
oxidant to penetrate throughout the hydrogel. The high porosity of such hydrogel structures may
be beneficial for future bioreactors, bioseparators or other applications that require large surface
areas.

a

b

Figure 13. Confocal images of oxidized and fluorescently labeled GMM:AA hydrogels with (a)
and without (b) 18 % Brij surfactant. Oxidation was carried out with a 10 mM NaIO4 solution
for 50 min. The hydrogel with added surfactant was oxidized throughout the structure, while the
non surfactant containing hydrogel contained oxidation only at the surface. Scale bar = 200 µm.
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5.7

Protein immobilization to oxidized GMM:AA hydrogels
We have employed reductive amination to conjugate proteins displaying lysine residues

to aldehydes localized on the perimeter of a patterned hydrogel (Figure 14).15 The ability to
selectively conjugate biomolecules to a hydrogel surface provides opportunities to create
bioreactors or separators that require a soft platform. Fluorescein-labeled bovine serum albumin
(FITC-BSA) protein was conjugated to 3:1 GMM-co-AA hydrogels that were oxidized with 10
mM NaIO4 for 10 min. A pH 7.4 phosphate buffer containing 1.5 mg·mL-1 FITC-BSA and 10
mg·mL-1 NaCNBH3 was introduced into the microchannel and left standing for 6 h. These
conjugation conditions were beneficial in speeding the diffusion of the protein into the polymer
network owing to the swelling of the hydrogel. After washing with phosphate buffer to remove
non-conjugated FITC-BSA, confocal microscopy was used to evaluate the location of the
protein. The oxidized hydrogels conjugated with FITC-BSA showed fluorescence (Figure 14b)
near the surface similar to hydrogels labeled with lucifer yellow. Control hydrogels, GMM-coAA hydrogels not oxidized with NaIO4 but subjected to the reductive amination with FITC-BSA,
showed little fluorescence under the same visualization conditions (Figure 14c). These results
suggest that the aldehyde containing hydrogels are applicable to many of the current techniques
employing gluteraldehyde as a protein linker molecule.

These applications include the

immobilization of proteins for bioreactors or biosensors onto a unique, pH-responsive hydrogel
scaffold.

a

c

b
300 µm

400 µm

400 µm

Figure 14. An optical micrograph of a GMM-co-AA hydrogel with a spike-circle design (a).
Reductive amination of FITC-BSA to a NaIO4 oxidized hydrogel (b) and a non-oxidized
hydrogel (c) was attempted using NaCNBH3. Only the oxidized hydrogel retained the
fluorescent protein after washing.
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5.8

Lipid modified hydrogels for maintaining chemical gradients
The cell’s ability to maintain selective permeability and a rigid shape is critical to its

function.

To achieve these requirements, two structural motifs (plasma membrane and

cytoskeleton) must work in unison.40 At the cell’s boundary is the plasma membrane, which is
made up of a lipid bilayer containing a variety of proteins and other small molecules. The
bilayer prohibits the passage of molecules/ions through the cell wall, compartmentalizing the
protoplasm from its surroundings. Proteins imbedded in or attached to the bilayer control the
transportation of ions and other molecules through the cell wall or act as information messengers
such as cell receptors or markers.41 Supporting the plasma membrane is the cytoskeleton, which
is a three-dimensional network of water swollen proteins. The cytoskeleton provides a semirigid scaffold for the cell and through the dynamic nature of its proteins, which can respond to
internal or external stimuli, facilitates the transportation of intracellular structures.41
The study of cellular behavior occurring at the bilayer interface often requires model
systems where experimental variables can be easily controlled.7 Several bilayer model systems
have been developed including vesicles42 and supported bilayer lipid membranes (sBLM) on
metal,43,44 silica,45,46 or hydrogel surfaces.7,9,47-49 Of these systems, sBLMs on hydrogels provide
an environment most comparable to the cell. Analogous to the cell’s cytoskeleton, hydrogels are
three-dimensional crosslinked polymer networks that can absorb large quantities of water. The
polymer networks are mobile enough to accommodate proteins with large hydrophilic regions
and allow local ruptures in the lipid bilayer to self-heal.7 Another benefit of using hydrogels is
their ability to respond to external stimuli (i.e., stimuli-responsive hydrogels), creating a dynamic
scaffold for the supported bilayer.
Hydrogels that respond to changes in osmotic pressure or charge density, such as pHsensitive hydrogels, have been most extensively studied.9,50,51 These materials usually contain
acidic or basic pendant groups, such as carboxylic acids or tertiary amines. Depending on the
pH, the deprotonation of carboxylic acids or the protonation of amines occurs and the resulting
carboxylate or amine salts generate fixed charges on the polymer backbone. Water diffuses into
the hydrogel to lower the internal osmotic pressure which in turn causes swelling. Using a pHsensitive hydrogel as a lipid bilayer support not only provides a dynamic scaffold but can also be
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used to test the membrane’s barrier properties. Because the swelling is dependent on the influx
of ions, the permeability of a lipid membrane surrounding the hydrogel can be tested by soaking
in a basic buffer. If the hydrogel swells, the prepared membrane was too poor to inhibit the flux
of ions into the hydrogel. If, however, the hydrogel does not swell, an impermeable membrane
was formed which can be further studied with microscope and fluorescence experiments.
Previous work in the Moore group has lead to the development of lipid-coated, pHresponsive hydrogels.11 The strategy involved the surface modification of a 2-hydroxyethyl
methacrylate (HEMA)-co-acrylic acid (AA) hydrogels with acid chloride terminate alkyl chains,
such as palmitoyl chloride. Modification of the hydrogel surface created an ion impermeable
membrane which could be triggered to lysis through physical or chemical means.10 However,
this preliminary hydrogel modification scheme has several disadvantages. The acid chlorides are
water sensitive, requiring the water-swollen hydrogel to be dried before modifying in an organic
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Figure 15. Schematic representing the NaIO4 oxidation of a GMM hydrogel and subsequent
chemoselective ligation of an aminooxy-lipid molecule to its surface. Oxidation, which is
located near the surface, preserves the bulk properties of the hydrogel while providing a reactive
shell for the attachment of biomolecules.

solvent. Rotating between solvents is detrimental as surface reorganization may occur thereby
hindering monolayer formation. Because of these limitations, we envisioned the chemoselective
ligation between compatible lipids and the oxidized GMM:AA hydrogel system would provide a
unique opportunity to create a new responsive sBLM.
In the next section, the chemoselective ligation of 2-aminooxy-N-decyl-acetamide to an
oxidized GMM hydrogel (Figure 15) was used to create an impermeable membrane that was
found to be stable for extended amounts of time (days).
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5.9

Chemoselective ligation of aminooxy containing lipids
Because the functional groups in many lipid-like molecules are easily destroyed, a model

compound that was highly stable and could create an ion impermeable membrane was first
synthesized. The molecule, 2-aminooxy-N-decyl-acetamide, was prepared in two steps from the
coupling

of

n-decylamine

and

N-(tert-butoxycarbonyl)-O-(carboxymethyl)hydroxylamine

followed by BOC deprotection with TFA (Scheme 3).
Scheme 3. Synthesis of 2-aminooxy-N-decyl-acetamide
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The chemoselective ligation of 2-aminooxy-N-decyl-acetamide to the oxidized hydrogel
surface was accomplished under acidic buffer conditions. The acidic pH was beneficial in two
ways. First, the rate of oxime formation has been found to be maximized at low pH (pH 3.0).52
Second, the hydrogel did not swell during the ligation reaction and therefore localized the
conjugated molecules at the surface. Due to the benefits of the acidic pH, all steps in the
modification process were performed in the same acidic buffer to minimize reorganization of the
polymer chains at the hydrogel surface.
Hydrogels of 3:1 GMM-co-AA were prepared as previously described (Chapter 5.4), and
were bathed in a pH 2.75 buffer after the photo-polymerization. Oxidation was accomplished
with a 10 mM NaIO4 / pH 2.75 buffer solution flowing through the channel at 0.32 mL⋅min-1 for
10 min. The oxidation depth was ~30 µm, which assured that the hydrogel surface was highly
concentrated with aldehyde functionality. A 1.1 mM 2-aminooxy-N-decyl-acetamide solution in
pH 2.75 buffer was prepared and flowed through the channel at 0.5 mL⋅min-1 for 1 h. Control
experiments were also performed that included hydrogels oxidized but not modified with 2aminooxy-N-decyl-acetamide, as well as hydrogels that were not oxidized but subjected to the 2aminooxy-N-decyl-acetamide solution. Both control hydrogels would not be expected to form
an ion barrier between the inside and outside of the hydrogel.
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5.10 Swelling of 2-aminooxy-N-decyl-acetamide modified hydrogels
The ability of the alkyl chain-modified hydrogels to form a chemical gradient was tested
by bathing the hydrogels in a basic buffer. For normal pH-sensitive hydrogels, hydroxide ions
can cross into the hydrogel and deprotonate the acrylic acid causing the hydrogel to swell (Figure
16). However, a hydrogel with an ion-impermeable membrane around the exterior would create
a compartment of acidic pH with the basic buffer outside the hydrogel. Swelling of the hydrogel
would be minimized until a disrupting agent, physical or chemical, caused the membrane to leak
and allow the hydrogel to swell. The buffer used (pH 7.25) in this experiment was basic enough
to deprotonate the acrylic acid located within the hydrogel (pKa 4.9) while not degrading oxime
linkages which are unstable to pH > 10 for long periods of time (>24 h).52 Once bathed in the
basic buffer, the control hydrogels with no lipid modification swelled in the characteristic
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Figure 16 (left). Swelling of a GMM hydrogel exposed to a pH = 7.6 phosphate buffer. Fd is
the normalized diameter of the hydrogel defined as (D-D0) / (D∞-D0), where D is the diameter at
a given time, D0 is the initial diameter, and D∞ is the final diameter of the hydrogel. Inset:
Second order fit to the equation t/W = 1/kW∞2 + 1/W∞ where the swelling data yields a straight
line with a slope of 1/W∞ and an ordinate of 1/kW∞2. W = (D2-Do2)/D2; y = 2.12x + 14.9;
R2=0.9997; k = 0.0050 sec-1.
Figure 17 (right). Effect of oxidation and lipid modification on hydrogel swelling behavior.
Lipid-coated hydrogels were oxidized with a 10mM NaIO4 / pH = 2.75 buffer, modified with a
1.1 mM 2-Aminooxy-N-decyl-acetamide solution for 1 h, and then swelled in a pH = 7.25
buffer (). Control hydrogels #1 was oxidized with a 10 mM NaIO4 / pH = 2.75 buffer and then
swelled in a pH = 7.25 buffer (). Control hydrogel #2 was not oxidized but subjected to a 1.1
mM 2-Aminooxy-N-decyl-acetamide solution for 1 h and then swelled in a pH = 7.25 buffer
(same as control hydrogel #1, ).
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manner for a pH-sensitive hydrogel (Figure 17, ¡). The hydrogels modified with 2-aminooxyN-decyl-acetamide however, showed a visible change in their swelling curves (Figure 17,

).

These modified hydrogels swelled to a small degree once exposed to the basic buffer but reached
an equilibrium volume after 100 min that was much smaller than the control hydrogels. This
volume was stable for an extended period of time (>24 h) suggesting the build up of a sufficient
ion barrier.

5.11 Lysis of 2-aminoxy-N-decyl-acetamide modified hydrogels
Chemical lysis of the 2-aminooxy-N-decyl-acetamide modified hydrogels was
accomplished using sodium dodecylsulfate (SDS), which has been shown to disrupt assembled
alkyl layers and allow the passage of ions through membranes.53 After 2-aminooxy-N-decylacetamide modified hydrogels had bathed in a pH 7.25 buffer for 24 hr and showed no signs of
further swelling, a pH 7.25 buffer with 0.1 M SDS was flowed through the channel at 0.5
mL⋅min-1. As shown in Figure 18, the hydrogels swelled slowly upon SDS exposure until a
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Figure 18. 2-Aminooxy-N-decyl-acetamide modified hydrogels (from Figure 17) following the
addition of a 0.1 M SDS / pH 7.25 buffer (top). Swelling began slowly then once break point
was introduced (~215 min) the swelling increased quickly (bottom).
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rupture point (bottom of hydrogel) was formed at ~215 min. The rupture point propagated
throughout the exterior of the hydrogel until the hydrogel was fully swollen. This response to
SDS is assumed to be caused by SDS’s ability to disrupt the assembled alkyl layer and is
supported by the hydrogels unsymmetrical swelling behavior.

The swelling suggests the

breakdown of one area of the membrane (SDS disruption) followed by propagation/swelling
around the exterior of the hydrogel (Figure 19).10 Although the membrane thickness was not
determined in this study, the effectiveness of the SDS suggests the membrane is localized near
the surface. These results suggest the utility of chemoselective ligation for the attachment of
lipid molecules to the surface of oxidized GMM hydrogels.

Figure 19. Proposed swelling mechanism for lipid modified pH-responsive hydrogels during
SDS lysis. The swelling begins at an individual rupture point (left). The localized swelling
causes a reduction of lipid density that allows for a increased flux of buffer into the hydrogel. As
more buffer enters the hydrogel the rupture point spreads along the exterior until the hydrogel is
fully sweollen (right).

5.12 Vesicle spreading on oxidized GMM:AA hydrogels
The chemoselective ligation of 2-aminooxy-N-decyl-acetamide to the surface of an
oxidized GMM hydrogel demonstrates a new method for the construction of lipid modified
hydrogels. Unfortunately, the membrane formed does not parallel the structure of a cell’s lipid
bilayer. To develop a better model supported bilayer, more biologically relevant lipids capable
of chemoselective ligation were envisioned.

Unlike 2-aminooxy-N-decyl-acetamide which is a

short alkyl chain with moderate water solubility, typical cell bilayer lipids are not water soluble.
The lipids therefore need to be delivered to the hydrogel via vesicle spreading (Figure 20).54
Vesicle spreading occurs when a vesicle opens and forms adherent bilayer patches that fuse into
a continuous bilayer after annealing at an elevated temperature.47 Our initial strategy involved
preparing vesicles that would contain a small percentage of the aminooxy-lipid with a majority
of natural phospholipids. The aminooxy-lipid would help drive the vesicle spreading onto the
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hydrogel by ligating to the surface, while the mobility of the natural phospholipids would
provide the synthetic bilayer with the fluidity and self healing properties of a natural bilayer.
Because the majority of cell membranes are bilayers composed of glycerophospholipids, the
synthesis of aminooxy containing glycerophospholipids was investigated.

Using synthetic

strategies similar to those described above (Scheme 3), the synthesis of the aminooxy-lipid
shown in Figure 20 was attempted using 1,2-ditetradecanoyl-sn-glycero-3-phosphoethanolamine
as the lipid source. Unfortunately, no synthetic route produced the desired product. Notably,
attempts using BOC and FMOC protecting groups for the aminooxy group were successful in
preparing the protected lipid, however, the deprotection conditions led to many byproducts
believed to be a result of phosphoester linkage destruction. Due to the problems inherent with
the phosphoester lipids, the 2-aminooxy-N-decyl-acetamide prepared in Section 5.9 was used as
an additive to a lipid vesicle system for surface immobilization.
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Figure 20. Schematic illustration of vesicle spreading onto oxidized hydrogel surface (bottom).
Chemoselective ligation between the aminooxy containing lipid (blue) and the aldehydes surface
would provide an bilayer anchor. Other phospholipids integrated into the bilayer like L-αphosphatidylcholine (red) will be mobile creating the fluid-like lipid bilayer.

Vesicles were prepared by dispersing egg yoke phosphotidyl choline, 1-palmitoyl-2[12(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl]-sn-glycero-3-phosphocoline

(a

fluorescently labeled lipid), 2-aminooxy-N-decyl-acetamide and cholic acid in a 10:1:3:1.2
weight ratio in a pH 7.7 buffer and stirring in a lipo-prep machine for 24 h. Following vesicle
formation, dilute HCl was added to acidify the buffer so that acrylic acid containing hydrogels
would remain contracted once exposed to the vesicle solution. A control vesicle was also
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prepared without the 2-aminooxy-N-decyl-acetamide to see if lipids spontaneously assembled on
the surface without a ligating molecule. Hydrogels that were oxidized with 10 mM NaIO4 and
exposed to a vesicle solution containing 2-aminooxy-N-decyl-acetamide showed fluorescence
around the surface of the hydrogel (Figure 21a). Oxidized hydrogels that were exposed to a
vesicle solution that did not contain 2-aminooxy-N-decyl-acetamide showed much less
fluorescence (Figure 21b). Similarly, control hydrogels that were not oxidized with NaIO4
showed little fluorescence when exposed to vesicles that contained (Figure 21c) or didn’t contain
2-aminooxy-N-decyl-acetamide (Figure 21d). Clearly, the 2-aminooxy-N-decyl-acetamide was a
key factor in the preparation of a surface immobilized lipid layer. Unfortunately, the exact
thickness of the lipid structure was not measured. Recent techniques developed by Mary Kraft
for characterizing lipid modified hydrogels would have been a nice technique to quantify the
depth of lipid penetration.

Figure 21. Confocal microcope images of 3:1 GMM:AA hydrogels that were oxidized and
bathed in fluorescently labeled vesicles with (a) and without (b) aminooxy containing lipids.
And non-oxidized 3:1 GMM:AA hydrogels that were introduced to fluorescently labeled vesicles
with (c) and without aminooxy (d) containing lipids.

5.13 Conclusions
Through simple organic transformations, hydrogel surfaces were transformed into
specialized materials capable of chemoselective ligation of fluorescent dyes and proteins. These
surface-modified hydrogels offer the ability to create materials for biosensing, biocatalysis, or
controlled drug delivery once modified with biologically relevant materials. Here we have
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demonstrated the preparation and characterization of pH-responsive hydrogels capable of
chemoselective ligation at their surface in a fast and simple way. An in situ photopolymerization
of GMM-co-AA monomers created pH-responsive hydrogel cylinders which could be oxidized
with NaIO4 under mild conditions. The oxidation depth was controlled between 30 and 200 µm
by varying the concentration, reaction time, and temperature of the oxidation step.

A

mathematical model has been developed to capture the oxidation phenomena and the simulations
compare well with the experimental results.

The depth of oxidation was observed to be

controlled by both the diffusion of the periodate reagent into the hydrogel as well as the reaction
of NaIO4 with the diol inside the hydrogel matrix.

The model shows that the oxidizing

parameters can be adjusted to achieve the desired degrees of oxidation; however, the diffusionreaction pathway creates a trade-off between achieving a sharp oxidation profile or a high
oxidation conversion. Once oxidized, the hydrogel surfaces were modified with proteins or
lipids.

Fluorescently-labeled BSA was successfully immobilized and provides the initial

platform for hydrogels capable of selective bioconjugations.

Immobilization of aminooxy-

functionalized lipids created impermeable membranes that were stable for greater than 24 h.
Chemical lysis of the membrane was accomplished by subjecting the lipid modified hydrogel to
a 0.1 M SDS solution in basic buffer. Finally, vesicles were selectively spread on the hydrogel
surface bringing the possibility for transmembrane protein immobilization to reality.

5.14 Experimental Section
Materials.

Ethylene glycol dimethacrylate (EGDMA, Aldrich), 2,2-dimethoxy-2-

phenyl-acetophenone (DMPA, Aldrich), lucifer yellow (Aldrich), semicarbazide hydrochloride
(Aldrich), fluorescein-labeled bovine serum albumin (FITC-BSA, 6.1 mol dye per mol protein,
Molecular Probes), sodium cyanoborohydride (Aldrich), egg yoke phosphotidyl choline (EYPC,
Avanti Polar Lipids), 1-palmitoyl-2[12-(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl]sn-glycero-3-phosphocoline (NBD-PC, Avanti Polar Lipids), 1,2-ditetradecanoyl-sn-glycero-3phosphoethanolamine (Aldrich), KH2PO4 (analytical reagent grade, Mallinckrodt Inc.), Na2HPO4
(analytical reagent grade, Mallinckrodt Inc.), and NaCl (Fisher Scientific) were used as received
without further purification. Glycerol monomethacrylate (GMM) was prepared as described
previously.33 Acrylic acid (AA, Aldrich) was distilled under reduced pressure in the presence of
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the radical inhibitor 4-methoxyphenol (Aldrich) prior to use. UV-curable adhesive (No. 61) was
purchased from Norland Optical Adhesive.

Fisherbrand microscope slides (75×50×1 mm),

Corning cover glass slides (22×50 mm No. 1) and United Laboratory Plastics pipette tips (2011000 µL) were purchased from Fisher Scientific. Photomasks were prepared by printing patterns
on transparency films using a high-resolution commercial printer system (Linotype Herkules
Imagesetter) with a resolution of 5080 dpi. Phosphate buffers were prepared from 0.05 M
KH2PO4 solution or 0.05 M Na2HPO4 solution, and HCl or NaOH solution was added to obtain
the desired pH. The ionic strength of all buffers was adjusted to a constant value of 0.20 M with
NaCl. The 1H NMR spectra were recorded at 500 or 400 MHz and 13C NMR were recorded at
125 or 100 MHz.
O
O
O

O

2,3-(Isopropylidenedioxy)propyl methacrylate:33 To a solution of methyl methacrylate

(40.0 g, 0.4 mol), racemic solketal (26.4 g, 0.2 mol), and a small amount of p-phenylenediamine
inhibitor in cyclohexane (400 mL) was added titanium tetraisopropoxide (2.8 g) under nitrogen
atmosphere. The mixture was heated at reflux for 15 h where methanol was removed using a
dean-stark trap. The mixture was allowed to cool to room temperature followed by the addition
of HCl (3N, 6mL). The mixture was filtered and the layers were separated. The organic layer
was extracted with sodium bicarbonate (2 X 50 mL) and water (2 X 50 mL), dried (MgSO4), and
concentrated. The residue was then distilled (bp = 51-53oC at 0.15 mm Hg) to give a colorless
liquid (17.5 g, 44%) and stored at 4 °C. Rf = 0.52 (3:2 hexane : ethyl acetate). MS (EI) 201.1
(m+1, 6.7%) 1H NMR (400 MHz, CDCl3 in ppm): δ = 1.33 (3H, s), 1.40 (3H, s,), 1.92 (3H, dd, J
= 1.5, 1.2 Hz), 3.77 (1H, dd, J = 8.5, 6.1 Hz), 4.06 (1H, dd, J = 8.4, 6.3 Hz), 4.17 (ABXD, 2H),
4.33 (1H, m), 5.56 (1H, quint, J = 1.5 Hz), 6.11 (1H, m). 13C NMR (125 MHz, CDCl3 in ppm): δ
= 18.47, 25.57, 28.84, 64.88, 66.53, 73.82, 109.96, 126.28, 136.12, 167.32.
O
O
OH
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Glycerol monomethacrylate (GMM):33 2,3-(Isopropylidenedioxy)propyl methacrylate

(2 g, 10.0 mmol) and a small amount of p-methoxyphenol were added to water (15 mL) and
glacial acetic acid (5 mL) and stirred for 10 min at 80 oC. The mixture was allowed to cool to
room temperature and then concentrated using a high-vacuum rotovap. Monomer was used
without further purification. Rf = 0.23 (3:2 hexane : ethyl acetate). 1H NMR (500 MHz, CDCl3
in ppm): δ = 1.95 (3H, dd, J = 1.5, 1.0 Hz, 2.80 (2H, bs), 3.62 (1H, dd, J = 11.6, 5.7 Hz), 3.72
(1H, dd, J = 11.6, 3.9 Hz), 3.98 (1H, m), 4.25 (2H, ABXD), 5.61 (1H, quintet, J = 1.5 Hz), 6.14
(1H, m).

13

C NMR (125 MHz, CDCl3 in ppm): δ = 18.3, 63.5, 65.4, 70.3, 126.5, 135.9, 167.8.

Fabrication of microchannels. The microchannels used in this study were constructed

by bonding microscope cover glass to a glass slide using UV curable adhesive. UV light (365
nm) from a handheld UV lamp (Spectroline ENF-240C) was used as the light source for curing
the adhesives. Two pieces of 22×50 mm No. 1 cover glass were first bonded to a 75×50×1 mm
glass slide (Fisher Scientific) with their edges parallel to each other and separated by the desired
channel width (4000 µm). A third piece of 22×50 mm No. 1 cover glass was then bonded as the
channel top, producing microchannels 150 to 180 µm deep.

Plastic pipette tips (United

Laboratory) were cut to the desired length with a razor blade and glued to both ends of the
microchannel with Loctite Quick Set Epoxy to serve as the inlet and outlet for the
microchannel. Silicone tubing (Helix Medical, Inc.) was used to connect these pipette tips with
the liquid source.
Photopolymerization of hydrogels. Polymerizations were carried out with the UV

source from an Olympus Epi-Fluorescent microscope (BX-60) through a near-UV filter cube (UMNUA, type BP 360-370) with a 360 – 370 nm band pass. Light intensity was adjusted by
changing the magnification of the lens. In a typical procedure, GMM (1.0 g, 6.2 mmol), AA
(147 mg, 2.07 mmol), EGDMA (12.4 mg, 0.06 mmol), and DMPA (33 mg, 3 wt%) were
combined and sonicated to produce a liquid pre-polymer mixture. This pre-polymer mixture was
injected into a microchannel (Figure A) with a syringe and allowed to reach a quiescent state (3
min). A photomask was then placed on top of the microchannel at the desired location. Exposure
to UV light through the photomask produced hydrogels with a 3:1 molar ratio of GMM-co-AA
and one mole % EGDMA crosslinking. The typical polymerization time for this pre-polymer
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mixture was 50 sec under a 2x magnification lens. Unpolymerized pre-polymer mixture was
removed by flushing the channel with deionized water and methanol and the resulting hydrogel
structures were stored in deionized water.
Oxidation of GMM-co-AA hydrogels.

In a typical oxidation procedure, NaIO4

(0.427g, 2.0 mmol) was dissolved in deionized water (40 mL) to produce a 50 mM NaIO4
solution. A 50 mL syringe was then filled with the oxidizing solution and placed in a Harvard
Apparatus PHD Programmable syringe pump. Using a 16-guage syringe needle and three feet of
silicon tubing, the syringe was connected to the microchannel.

For variable temperature

oxidations, the silicone tubing and microchannel were submersed inside a water bath at the
desired temperature for 5 min prior to flowing through the channel. The oxidizing solution was
then introduced into the channel at a flow rate of 0.32 mL⋅min-1 min for the desired amount of
time. As soon as the time had expired, deionized water was flushed through the channel at 0.6
mL⋅min-1 for 30 min.
Fluorescent labeling of hydrogels.

Lucifer yellow (K+ salt, 1 mg, 2 µmol, 0.1 mM,

Figure B) and semicarbazide hydrochloride (22.3 mg, 0.2 mmol, 10 mM) were dissolved in a 0.2
M phosphate buffer (pH 7.6, 20 mL). Using a 20 mL syringe, 16-guage syringe needle, and
silicon tubing, the solution was pumped through the microchannel at 0.16 mL⋅min-1 for 2 h. The
microchannel was then washed with phosphate buffer (pH 7.6) at 0.6 mL⋅min-1 for 2 h. The
hydrogel was then reduced back to near its original diameter by pumping 0.2 M phosphate buffer
(pH 2.05) through the microchannel via syringe pump at 1 mL·h-1 for 12 h.
Reductive amination of FITC-BSA to oxidized hydrogel. FITC-BSA (1.5 mg, 6.1 mol

dye / mol of protein) and NaCNBH3 (10 mg) were dissolved in 1.0 mL of pH 7.4 phosphate
buffer. Hydrogels oxidized with 10 mM NaIO4 for 10 min were bathed in the prepared FITCBSA solution for 6 h at 4ºC. Phosphate buffer was then flushed through the microchannel at 1.0
mL·h-1 for 6 h.
Optical microscopy. Shape and size characterization of the microscopic hydrogels was

carried out with either an Olympus Epi-Fluorescent microscope (BX60) equipped with a Sony
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CCD-IRIS/RGB color video camera and Panasonic AG-1980 videocassette recorder with
monitor, or a Zeiss optical microscope. Hydrogel diameter was measured either by directly
comparing with a standard calibration slide, or by measuring the relative hydrogel size shown on
the monitor screen.
Confocal microscopy. All images were acquired using a Leica TCS SP2 LSCM using a

10X objective. Excitation was performed at 458 nm using an Ar laser set at 40% power level.
Emission detection was monitored from 550 - 650 nm through a DD 458/514 filter. Half-height
of hydrogel was determined by z-sectioning the sample to find the most fluorescently intense
cross-section. The selected z-section image was taken as the average of four scans. Depth of
oxidation was determined using the Leica LSCM’s built in quantization function. A plot of
fluorescent intensity vs. x-axis position was obtained and the width at half max was determined
to be the oxidation depth.
Calibration curve for Lucifer yellow. Varying concentrations of lucifer yellow were

prepared in pH 7.4 buffer and injected into microchannels. Using the confocal microscope with
the settings used for sample visualization, fluorescence intensity measurements were performed
for all lucifer yellow concentrations. The calibration curve is shown in Figure C, where the
minimum detectable concentration was defined as 0.5°10-4 M. This value was used as the
threshold for hydrogel oxidation.
Convection of NaIO4 solution. Four flow rates ranging over an order of magnitude was

used to evaluate the effect of convection on oxidation depth (Figure B). A 50 mM NaIO4
solution was flowed through the microchannel for 10 min at the desired flow rate. Once the
oxidation was finished, the hydrogels were washed and labeled as described above.
O
O

O
N
H

O

OH

N-(tert-butoxycarbonyl)-O-(carboxymethyl)hydroxylamine:55

Triethylamine (1.58

mL, 11.38 mmol) and aminooxyacetic acid (1.0 g, 9.1 mmol) were dissolved in water (10 mL).
Di-t-butyldicarbonate (2.17 g, 9.95 mmol) was dissolved in dioxane (10 mL), added to the water
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solution, and stirred under a nitrogen atmosphere at room temperature for 2 d. Water (40 mL)
was added and the mixture was extracted with ethyl acetate (3 X 50 mL). The aqueous layer was
cooled to 0°C and then adjusted to pH 2 with 6N HCl. The aqueous layer was then extracted
with ethyl acetate (3 X 25 mL) again. The organic layers were combined and washed with a precooled 5% HCl solution (3 X 15 mL), brine (3 X 25 mL), and then dried over MgSO4, filtered,
and concentrated. The colorless liquid was dissolved in a small amount of ethyl acetate (~2 mL)
and crystallized in hexane (400 mL). A white powder (1.49 g, 85.6%) was obtained after
filtration and drying by vacuum. mp 114 – 115 °C MS (FAB) 214.1 (m+K+, 17.4%) 1H NMR
(400 MHz, DMSO) 1.38 (9H, s, 1), 4.24 (2H, s, 3), 10.1(1H, s, 2), 12.71 (1H, bs, 4).

13

C NMR

(125 MHz, DMSO in ppm): 28.60, 72.63, 80.69, 157.12, 170.85.
O
O

O
N
H

O

N
H

N-(tert-butoxycarbonyl)-2-aminooxy-N-decyl-acetamide: N-(tert-butoxycarbonyl)-O-

(carboxymethyl)hydroxylamine (0.3 g, 1.57 mmol), decylamine (0.271 g, 1.73 mmol), and BOP
(0.763 g, 1.73 mmol) were dissolved in acetonitrile (20 mL) in a round bottom flask.
Triethylamine (0.655 mL, 4.71 mmol) was then added drop wise and the reaction was stirred for
18 h under a nitrogen atmosphere. The acetonitrile was removed via rotovap, and the residue
was dissolved in ethyl acetate (30 mL). The organic phase was extracted with 5% citric acid (3
X 25 mL), 5% sodium bicarbonate (3 X 25 mL), and brine (3 X 25 mL), dried over MgSO4 and
concentrated. Further purification was accomplished by silica gel chromatography (1:1 hexane :
ethyl acetate) to give a white solid (0.397 g, 1.20 mmol, 63.0%): Rf = 0.42 (1:1 hexane : ethyl
acetate). MS (FAB) 331.2 (m+1, 8.1%). mp 46 - 48 °C 1H NMR (400 MHz, CDCl3) 0.87 (3H, t,
J = 7.0 Hz, 8), 1.23-1.35 (14H, b.m., 7), 1.47 (9H, s, 1), 1.53 (2H, quintet, J = 6.9 Hz, 6), 3.28
(2H, q, J = 7.1 Hz, 5), 4.29 (2H, s, 3), 8.04 (1H, s, 2), 8.13 (1H, b.s., 4).
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C NMR (100 MHz,

CDCl3) 14.34, 22.89, 27.15, 28.32, 29.51, 29.53, 29.55, 29.76, 29.78, 32.10, 39.37, 76.38, 83.10,
158.09, 169.0. Calcd for C17H34N2O4: C, 61.79; H, 10.37; N, 8.48. Found: C, 61.65; H, 10.57;
N, 8.49.
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2-aminooxy-N-decyl-acetamide:

N-(tert-butoxycarbonyl)-2-aminooxy-N-decyl-

acetamide (75 mg, 0.23 mmol) was dissolved in chloroform (3 mL). While stirring, TFA (1.5
mL) was added and the solution was allowed to stir for 1.5 h. The solvent was removed via
rotovap and the residue was dissolved in ethyl acetate (15 mL). The organic layer was extracted
with a sodium bicarbonate solution (3 X 15 mL) and brine (3 X 15 mL) and concentrated via
rotovap. Further purification was accomplished by silica gel chromatography (1:1 hexane : ethyl
acetate) to give a white solid (25 mg, 0.11 mmol, 48.0%): Rf = 0.21 (1:1 hexane : ethyl acetate),
MS (FAB) 231.2 (m+1, 57.1%). 1H NMR (500 MHz, CDCl3) 0.87 (3H, t, J = 7.3 Hz, xii), 1.201.35 (14H, b.m., 6), 1.52 (2H, quintet, J = 7.5 Hz, 5), 3.29 (2H, q, J = 7.3 Hz, 4), 4.15 (2H, s, 2),
5.3-5.9 (2H, b.s., 1), 6.31 (1H, s, 3).

13

C NMR (125 MHz, CDCl3) 14.32, 22.88, 27.12, 29.49,

29.51, 29.74, 29.81, 32.09, 39.15, 75.27, 169.65. Calcd for C12H26N2O2: C, 62.57; H, 11.38; N,
12.16. Found: C, 62.57; H, 11.70; N, 11.99.
Chemoselective ligation of 2-aminooxy-N-decyl-acetamide.

2-aminooxy-N-decyl-

acetamide (5 mg, 0.022 mmol) was dissolved in a 0.2 M phosphate buffer (pH 2.75, 20 mL) and
sonicated for 20 min to produce a 1.1 mM solution. The solution was pumped through the
microchannel at 0.5 mL⋅min-1 for 1 h and then rinsed with pH 2.75 buffer for 20 min at 0.5
mL⋅min-1.
Swelling of 2-aminooxy-N-decyl-acetamide modified hydrogels.

A pH 7.25

phosphate buffer was flowed around the 2-aminooxy-N-decyl-acetamide modified hydrogels at
0.3 mL⋅min-1 for 2 h and then bathed in the buffer for 24 h.
Lysis of 2-aminooxy-N-decyl-acetamide modified hydrogels. Sodium dodecylsulfate

(0.576 g, 2 mmol) was dissolved in 0.2M phosphate buffer (20 mL, pH 7.25) to produce a 0.1 M
solution. Once the 2-aminooxy-N-decyl-acetamide hydrogels had bathed in the pH 7.25 buffer
for 24 hr (see above), the solution was flowed through the microchannel at 0.5 mL⋅min-1.
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Vesicle preparation and spreading. EYPC (10 mg), NBD-PC (0.11 mg), 2-aminooxy-

N-decyl-acetamide (3 mg), and cholic acid (12 mg) were dissolved in 300 µL methanol and
concentrated on a rotovap and left under vacuum for 3 h. The lipid film was taken up in 1.2 mL
of a pH 7.7 50 mM phosphate buffer and placed in a lipo-prep dialysis chamber and dialysized
against 1000 mL of the pH 7.7 buffer. After 48 h, a few drops of dilute HCl was added to make
the mixture acidic. The vesicle solution was added straight to a microchannel containing the
desired hydrogel substrate.
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Chapter 6
Temperature-Responsive Surfaces for Reversible Biomacromolecule
Immobilization
6.1

Introduction
The design of materials that can be programmed to interact with biological samples in a

beneficial manner is a key challenge to creating new biomaterials.1-3 One of the main focuses of
this research is the preparation of surfaces that can interact with cells or proteins. Typically,
proteins and cells are irreversibly immobilized and destroyed upon contact with a hydrophobic
surface.4 To create new non-biofouling surfaces, new surface coatings have been investigated.
Initial studies found that a layer of a hydrophilic polymer (polyethylene oxide) could
substantially reduce surface fouling of biological fluids.5-8

More recently, other hydrophilic

polymers, such as poly(N-isopropylacrylamide) (PNIPAM) have been utilized for surface
antifouling applications.9-11

PNIPAM is a temperature-responsive polymer that undergoes a

conformational change at a lower critical solution temperature (LCST) of around 32 °C. Below
the LCST the polymer chains are highly water swollen and considered hydrophilic. Above the
LCST however, the polymer is considered hydrophobic due to chain collapse and expulsion of
water from the polymer structure (see Chapter 1).

Because the LCST occurs close to

physiological temperatures, the polymer has enormous potential for biotechnological and
biomedical applications. Interestingly, the LCST transition can also be increased or decreased
by copolymerizing NIPAM with charged or hydrophobic monomers, respectively, and therefore
can be tuned for a specific application.12-14 Surfaces with PNIPAM coatings have already been
applied to the programmed adsorption and release of proteins and cells from surfaces.9-11 Bunker
and coworkers have used the hydrophobic/hydrophilic switching to reversibly adsorb globular
proteins in a microfluidic chip that may be used in the future as preconcentrators for on chip
protein separations.9 Although these surfaces show potential for many biologically relevant
applications, systematic studies of molecular weight, polydispersity, grafting density, and
polymer composition, that can provide key design parameters, have yet to be accomplished. In
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this chapter, a systematic study of gold supported PNIPAM with varying molecular weights and
grafting densities were prepared to determine some of these initial parameters.

6.2

Design of gold-supported PNIPAM
Several research groups have reported the preparation of grafted PNIPAM from solid

surfaces such as silica or gold.9,15-17 For gold supported PNIPAM, two strategies have been
pursued. Li and coworkers have used the “graft to” approach by preparing free polymers in
solution using reversible addition-fragmentation chain transfer (RAFT) polymerization. The
resulting polymer endgroups are reduced to thiols and grafted to a gold surface.15 Although the
molecular weight of the polymers can be controlled to a high degree, the grafting densities are
usually low and hard to control due to the random manner of polymer deposition on the
surface.18 Alternatively, other groups have used the “grafting from” technique to grow NIPAM
from a gold surface using either a free radical polymerization from a azobis(isobutyronitrile)
(AIBN) functionalized surface or atom transfer radical polymerization (ATRP) from 2-bromo-2methyl-propionyl functionalized surfaces.

In the studies using ATRP, the initiator was

introduced to the sample surface through several steps. First, a mixed monolayer composed of
varying concentrations of 1-dodecanethiol and 11-mercapto-1-undecanol was created on a gold
surface (Figure 1).

Immersion of the modified gold slide in 2-bromo-2-methylpropionyl
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Figure 1. Previously reported technique to vary the surface concentration of ATRP initiator. A
mixed monolayer of 1-dodecanethiol and 11-mercapto-1-undecanol assembled on a gold surface
and then modified with 2-bromo-2-methylpropionyl bromide. The resulting surface is too
hydrophobic for biotechnological applications.
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bromide, in the presence of triethylamine, converted the surface hydroxyl groups into the ATRP
initiator. Using this technique, the ATRP initiator concentration was controlled through the
initial concentration of 11-mercapto-1-undecanol in the SAM depositing solution.
Unfortunately, the 1-dodecanthiol used as the second SAM component in these previous
studies is hydrophobic and fouling to biological samples. Because of these inherent problems, a
system was envisioned where the concentration of an ATRP initiator could be varied on a nonfouling surface (i.e., a hydrophilic surface such as that made from a SAM of 11-mercapto-1undecanol). To meet these design criteria, the ATRP initiator was attached to a long carbon
chain disulfide before immobilization to the surface.19
dihydroxyundecano-1,1'-disulfide (SAM-OH)

Mixed monolayers of 11,11'-

and 11,11’-(2-Bromo-2-methyl-propionic acid

undecyl ester)-1,1’-disulfide (SAM-Br, Figure 2) were prepared by soaking freshly prepared
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Figure 2. Current design for varying ATRP initiator density on a gold surface. A mixed
monolayer of SAM-Br (an ATRP initiator funtionalized molecule) and SAM-OH is created in a
single step. Using this technique, ATRP initiator concentrations were varied between 5 and 100
% surface coverage. Polymerization of NIPAM (blue) was accomplished using a catalyst system
of CuBr and PMDETA in an aqueous methanol solution to prepare temperature responsive
polymer films.
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gold substrates in an ethanol solution containing a total disulfide concentration of 1 mM.
Varying ratios of disulfides were used to create a series of SAMs with a variable concentration of
ATRP initiators on the surface. A series of contact angle measurements of SAMs ranging from 0
to 100 % show that the surface becomes more hydrophobic with increasing concentrations of
SAM-Br suggesting that the disulfide monomers are assembling onto the surface in a
concentration that is roughly similar to that of the depositing solution (Figure 3).20

Contact Angle

80
60
40
20
0
0

25

50

75

100

% SAM-Br

Figure 3. Contact angles of SAMs with varying concentrations of SAM–OH and SAM–Br. The
surface becomes more hydrophobic with increasing concentrations of the SAM-Br ATRP
initiator. Advancing () and receeding (c).

6.3

Surface initiated polymerization of NIPAM
Modifying a reported literature procedure,21 atom transfer radical polymerization (ATRP)

of NIPAM was accomplished using a co-catalyst system of CuBr and 1,1,4,7,7pentamethyldiethylenetriamine (PMDETA) in a 7:3 MeOH : H2O mixture (Figure 2). The
polymerization was rapid at room temperature and controlled through varying the monomer
concentration or reaction time. To optimize the polymerization procedures and characterize the
resulting polymer films under a known surface structure,19 initial polymerizations were carried
out using a SAM prepared with 100 % SAM-Br. The polymerizations were accomplished using
either a 2.0 or 3.9 M NIPAM solution. The resulting polymer film thicknesses (measured by
ellipsometry) were plotted against reaction time. (Figure 4.) The polymerizations using a 3.9 M
NIPAM solution () provided thicker films than did polymerizations using a 2.0 M NIPAM
solution (■). For both curves, the film thicknesses increase rapidly near the beginning of the
102

reaction but level off after ~30 min. This phenomenon is more characteristic of a conventional
redox-initiated polymerization with chain termination via polymer coupling than a controlled
living polymerization. Huang and coworkers have observed this polymerization mechanism
(asymptoting film thickness) for the ATRP polymerization of 2-hydroxyethyl methacrylate.22 In
their system, the addition of 30 mol % CuBr2, which is the ATRP deactivating species, provided
greater control of the film thickness over a longer reaction time. In an attempt to reproduce these
results, CuBr2 was added to the NIPAM system described above, however only thin films (2-3
nm) were obtained after 160 min of polymerization. Nevertheless, the current system did allow
for the preparation of controlled film thicknesses between ~5 and 160 nm on a 100 % SAM-Br
surface and was therefore carried onto surfaces with varying concentrations of ATRP initiator
(SAM-Br). These data will be described in a later section.

Thickness (nm)
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Figure 4. PNIPAM film thickness as a function of polymerization time. The film thickness
for polymerizations carried out at 3.9 M NIPAM () was greater than polymerization carried
out at 2.0 M (■). Film thicknesses measured by ellipsometry.

6.4 Atomic force microscopy of microcontact printed (µCP) gold slides
As a second characterization technique, atomic force microscopy (AFM) was employed
as a film thickness visualization tool.21,23 Using a microcontact printing (µcp) stamp, square
patterns of SAM-Br were created (Figure 5). To accomplish the patterning, hexadecanethiol was
inked onto a stamp and transferred to a gold slide. Excess hexadecanethiol was washed from the
surface and the gold slide was submersed in a 100 % SAM-Br solution for 1 h.

The

polymerization of NIPAM was accomplished in a similar manner to that previously described

103

and then analyzed using a Dimension 3100 AFM scanner. The growing films were visualized
(Figure 6) and quantified (Figure 7) using this technique.

In the next section, the film

thicknesses obtained by ellipsometry will be compared to those values obtained by AFM.

Figure 5. General procedure for microcontract printing (µcp). A PDMS stamp is inked with
hexadecanthiol and brought into contact with a gold coated glass slide. The PDMS stamp is
removed and the surface is washed with ethanol to remove excess thiol. The gold substrate is
then submerged in a SAM-Br solution to fill in unpatterned areas. ATRP polymerization for the
SAM-Br then can produce a patterned PNIPAM film.

A

D

C

B

E

F

Figure 6. AFM images of µcp patterned surfaces containing hexadecanethiol (base) and
poly(NIPAAM) posts. Polymerization times were 1 (A), 2.5 (B), 5 (C), 10 (D), and 20 min (E)
in a 3.9 M NIPAM solution. Surface scans are of a 30 X 30 µm area.
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Figure 7. Poly(NIPAAM) film thicknesses measured via AFM. Similar to ellipsometry
measurements (Figure 4) the film thickness could be quantified over a range of values.

6.5 Polymerization from mixed monolayers of SAM-OH and SAM-Br
One of the project goals was to polymerize NIPAM from surfaces with varying
concentrations of bound ATRP initiator. Three ATRP initiator concentrations (5:95, 20:80, and
100:0 SAM-Br : SAM-OH) were compared in parallel. Polymerizations were carried out in 3.9
M or 2.0 M NIPAM mixtures to vary the film thickness. One gold slide from each of the SAM
compositions (each slide was also µCP on a small portion of the surface) was subjected to
polymerization times of 1, 20, and 160 min in 3.9 M NIPAM or 1 and 5 min in 2.0 M NIPAM.
The resulting film thicknesses for the polymerizations carried out in 3.9 M NIPAM are
summarized in Table 1.

Comparing the ellipsometry data between the three surface

compositions shows that the polymer thickness decreased with decreasing ATRP surface
concentration (for a given polymerization time). These data suggest, for a given polymerization
time and molecular weight, less dense polymer films were formed from surfaces with less
initiator density. Once the films were dried, the polymers pack together tightly and give a
reduced dry film thickness.

This notion will be later tested using gel permeation

chromatography of polymers cleaved from the surface.
The film thickness values measured via AFM (Table 1) were considerably lower than
those obtained via ellipsometry. Two other research groups working with poly(NIPAM) on
gold21 and silicon23 observed such deviations between techniques. In these reports, the authors
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suggest that the adhesion between the PNIPAM and AFM tip cause a dampening of the tip
oscillation and an increase in the histeresis of the force-distance curve. These effects may lead to
systematic error in the film thickness determination.
Table 1. Film thicknesses for NIPAAM (3.9 M) polymerized from varying SAM surfaces.
Br:OH
100:0
100:0
100:0
20:80
20:80
20:80
5:95
5:95
5:95

6.6

Time (min)
1.0
20.0
160.0
1.0
20.0
160.0
1.0
20.0
160.0

Ellipsometry
19.5 +/- 0.3
55.7 +/- 0.6
87.3 +/- 1.1
14.0 +/- 0.1
28.7 +/- 1.4
35.7 +/- 1.6
7.3 +/- 0.2
7.9 +/- 0.2
12.1 +/- 0.6

AFM
15.9 +/- 3.1
27.9 +/- 5.0
59.9 +/- 5.8
8.4 +/- 1.6
21.2 +/- 2.6
23.7 +/- 1.7
couldn't see
4.6 +/- 2.1
5.2 +/- 1.3

Contact angle measurements of PNIPAM surfaces
Although there are several reports of contact angles of PNIPAM surfaces below the

LCST,17,23-25 only two reports have measured contact angles over a range of temperatures.9,17
Lopez and coworkers have reported advancing contact angles of a 50 nm PNIPAM dry film
between 25 and 40°C.17 The advancing contact angles increased from ~66° at temperatures
ranging from 25-31 °C to ~79° for temperatures 32 °C and higher. The sharp transition seen by
Lopez was not found by Bunker and coworkers, however.9 Bunker found that the PNIPAM
surface had a contact angle of ~65° at 25 °C that increased gradually until reaching a maximum
contact angle of 85° at 45 °C. These results, along with the range of published data for
advancing contact angles at 25 °C (58°,23 66°,17 59.5°-64.3°,24 and 48°25) suggest that a range of
contact angles are achievable depending on the preparation technique and the resulting PNIPAM
film. Interestingly, no one has systematically varied the film thicknesses or grafting densities of
these polymers to probe these discrepancies. Our goal was to determine the reason for the large
histeresis in contact angles reported in the literature.
Advancing contact angle measurements for gold slides with 0:100 (Figure 8), 20:80
(Figure 9), and 5:95 (Figure 10) SAM-Br : SAM-OH were grouped together to compare contact
angles versus film thickness. For the 0:100 Br:OH surface, a sharp transition at the lower critical
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solution temperature (32 °C) was found for all film thicknesses between 7.6 and 87.3 nm.
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However, an interesting phenomenon was observed when increasing the thickness of the films.
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Figure 8 (left). Advancing contact angles at varying temperatures for a 100:0 SAM-Br : SAMOH surface. Film thicknesses were 7.6 (blue), 11.5 (pink, box), 13.4 (red), 17.2 (green), 19.5 nm
(purple), 55.7 (brown), and 87.3 nm (aqua).
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Figure 9 (right). Advancing contact angles at varying temperatures for a 20:80 SAM-Br :
SAM-OH surface. Film thicknesses were 5.8 (blue), 8.2 (pink), 14.0 (red), 28.7 (green), and
35.7 nm (purple)
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Figure 10 (left). Advancing contact angles at varying temperatures for a 5:95 SAM-Br :
SAM-OH surface. Film thicknesses were 4.8 (blue), 5.4 (pink), 7.3 (red), 7.9 (green), and
12.1 nm (purple)
Figure 11 (right). Advancing contact angle measurements for varying poly(NIPAAM) film
thicknesses on a 100:0 SAM-Br : SAM-OH surface at 36°C. The hydrophobicity of the
thickness increases with increasing thickness.
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The absolute values of contact angles above and below the LCST were shifted depending on film
thickness. At thin film thicknesses (7.6-17.2 nm) the advancing contact angles increased very
little with increasing film thickness. However, once the film thickness was increased above 20
nm, the contact angle increased dramatically (Figure 11). The increase in contact angles with
increasing film thickness could be attributed to the packing of the polymer film. For thick films,
the polymer can collapse and maintain a hydrophobic shell for water repulsion. With thinner
films, the amount of available polymer may be enough to translate the LCST phenomena into a
changing contact angle, however not abundant enough to fully repel the water. As a final note,
receding contact angles were consistently between 20-26° for all samples below and above the
LCST suggesting the hydration of the polymer is still achievable even above the LCST.
A slightly different trend was observed for films grafted from reduced concentrations of
ATRP initiator. For the 20:80 SAM-Br : SAM-OH film, the general trend of increasing contact
angle for increasing film thickness was observed. However, at low film thicknesses 5.8 - 8.2 nm
little or no LCST behavior was found. For 5:95 SAM-Br : SAM-OH films, the contact angles
were roughly the same above and below the LCST for thicker films, and showed little or no
LCST behavior for thin films. The observation that thin films with less grafted polymers do not
undergo a beneficial LCST to produce a more hydrophobic surface suggests that the packing
efficiency is poor and does not allow the complete exclusion of water from the surface.

6.7

Conclusions
A new gold supported PNIPAM surface has been created that can provide varying

grafting density and polymer molecular weight. Through these studies we have determined some
of the initial parameters needed for a PNIPAM surface to undergo a LCST transition in
conjunction with a change in contact angle. For surfaces with a high concentration of ATRP
initiator and therefore high polymer grafting, any film thickness provides a change in contact
angle. However, for surfaces that are not completely covered with ATRP initiator (i.e., 20:80
and 5:95 SAM-Br : SAM-OH) there is a minimal film thickness that allows a change in contact
angle when increasing above the PNIPAM’s LCST. These results suggest that polymer chain
packing when solvated in water are different between the low grafting density and high grafting
density surfaces. Therefore, it is apparent that to create beneficial surfaces for reversible protein
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immobilization, surfaces with complete coverage of initiator provides the most beneficial
platform.

6.8

Experimental Section
General Procedures. N-isopropylacrylamide (NIPAM), 11-mercapto-1-undecanol, 2-

bromo-2-methylporpionyl bromide, CuBr, and CuBr2 were purchased from Aldrich. 1,1,4,7,7pentamethyldiethylenetriamine (PMDETA) was purchased from Acros.

NIPAM was

recrystallized from hexane. CuBr was purified by dissolving in 48% HBr and precipitating with
the addition of water. The solid was filtered and washed with waster, ethanol, and ether and then
dried in vacuo and kept in a glovebox. PMDETA was distilled and kept in a glovebox. All other
reagents were used without further purification. Glass microscope slides were purchased from
Fisher Scientific. Contact angle measurements were taken inside a temperature controlled room
only after the room temperature had been constant for greater than four hours. Ellipsometry
measurements were obtained with a J.A. Woollam VASE ellipsometer between 400-700 nm and
an angle of 70°. A freshly prepared gold slide was used to determine the optical constants of the
bare gold substrate. The polymer film data was fit to a three layer model with the refractive
index of the poly(NIPAM) assumed to be 1.47.

1

H NMR spectra were obtained on a Varian

Utility 500 MHz spectrometer. Chemical shifts are expressed in parts per million ( ) using the
residual solvent peak as the internal standard
OH

S

OH

S

Synthesis of (HO(CH2)11S)2. 11-mercapto-1-undecanol (500 mg, 2.45 mmol) was
dissolved in dichloromethane (20 mL) and 10% potassium hydrogen carbonate (3 mL). A
solution of bromine (0.2g, 1.23 mmol) was added slowly added to the well-stirred mixture. The
reaction was stirred for 20 min. The organic phase was separated, and the resulting aqueous
phase was extracted with dichloromethane (2X15 mL). The organic layers were combined, dried
over MgSO4, and concentrated to give 428 mg (86.5%). The sample was then recrystallized with
3:1 hexane:ethanol to provide 370 mg (74.8%). 1H NMR (400 MHz, CDCl3): δ = 1.21 (bs,16 H,
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CH2), 1.49 (s, 1 H, OH) 1.56 (pent, J = 6.6, 2 H, CH2), 1.66 (pent, J = 7.0, 2H, CH2), 2.65 (t, J =
6.7, 4 H, S-CH2), 3.64 (t, J = 6.5, 4 H, O-CH2).

Br

O

S

O
O

S

Br

O

Synthesis

of

(BrC(CH3)2COO(CH2)11S)2..

2-bromo-2-methylpropionyl

bromide

(0.475g, 0.255 mL, 2.06 mmol) was added drop wise to a solution of the (HO(CH2)11S)2 (0.35 g,
1.72 mmol) and triethylamine (0.89 g, 1.22 mL, 8.6 mmol) in 20 mL dichloromethane at 0°C.
The reaction was stirred for 1 h at 0°C and 2 h at room temperature. The solvent was extracted
with 2 N sodium carbonate (20 mL) that was saturated with NH4Cl. The organic layer was dried
with MgSO4, concentrated and purified using silica gel chromatography (13:1 hexane: ethyl
acetate) to produce 400 mg (66.1 %). Rf = 0.30. 1H NMR (400 MHz, CDCl3): δ = 1.27-1.4 (bs,
16 H, CH2), 1.67 (m, 4 H, CH2), 1,92 (s, 6 H, CH3), 2.67 (t, J = 7.4, 2 H, S-CH2), 4.16 (t, J = 6.5,
2 H, OCH2). m/z (FD) = 704.0.
Preparation of gold substrates. Microscope slides were soaked in an acid – peroxide
bath (66% HCl, 33% H2O2) for 30 min at 60 °C. The slides were washed with water and dried
under a stream of nitrogen. The slides were then placed in an electron beam evaporator and a 10
Å thick layer of chromium and a 400 Å thick layer of gold were deposited. The slides were
washed with ethanol and dried with nitrogen.
Preparation of gold supported SAM. Stock solutions (4 mM) of SAM-OH and SAMBr were prepared by dissolving 20.4 mg 11-mercapto-1-undecanol (0.10 mmol) and 35.3 mg 2Bromo-2-methylpropionic acid-11-mercapto-undecyl ester (0.10 mmol) in 25 mL ethanol,
respectively. Allotments were taken from each stock solution to prepare a final concentration of
1 mM (total thiol concentration). Gold slides were soaked in the 1 mM solution overnight,
washed with ethanol, and dried under a stream of nitrogen.
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Surface initiated polymerization of N-isopropylacrylamide.

NIPAM (3.79 g, 33

mmol) was dissolved in a 7:3 mixture of MeOH:H2O (3.75 mL) and subjected to three freezepump-thaw cycles. Inside a glovebox, CuBr (48 mg, 0.33 mmol) and PMDETA (0.174 g, 210
µL, 1.0 mmol) were weighed into a jar with screw top lid and dissolved in the MeOH:H2O
mixture and stirred for 5 min. Gold slides with SAMs of varying concentration of initiators were
then submerged in the solution for the desired reaction time. To quench the reactions, the gold
slides were transferred to a secon jar containing CuBr2 (44.8 mg, 0.20 mmol) and PMDETA
(0.104 g, 126 µL, 0.60 mmol) in 10 mL MeOH. The gold slides were rinsed with MeOH and
H2O and dried under a stream of nitrogen.
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Appendix A
Light-Regulated Electrostatic Interactions in Colloidal Suspensions

A.1

Introduction
Colloidal assemblies have been applied to drug delivery,1 ceramics,2 chemical sensors,3-5

and photonic band gap materials.6-9 Many of these applications are possible because of the threedimensionally ordered structures that are obtained through colloidal sedimentation. Because the
sedimentation process is dependent on the colloid’s functionality, new methods to control
colloidal particles (and thus their assembly) are desired. The easiest approach to manipulate
colloidal properties is to functionalize its surface. This strategy has been used to create colloidal
core-shell composites with polymers, metal oxides, metal nanoparticles, and organic monolayers
decorating the surface.10-12 Of these systems, organic monolayer formation provides the most
straight forward control of the colloid’s properties. For example, modification of silica particles
with long chain alkylsilane agents can tune the hydrophobic-hydrophilic balance of a colloidal
suspension.13 Recent work has extended the hydrophobic-hydrophilic silica particles to be
asymmetrically modified (i.e., one side of the surface is hydrophilic and the other is
hydrophobic).14 These functional particles were capable of assembling at an interface between
water and a toluene/polystyrene mixture and may have utility for advanced catalyst applications.
Such systems show the power of novel functionally modified colloids.
Hydrophobic-hydrophobic and hydrophobic-hydrophilic interactions of colloids are not
the only attractive/repulsive forces that have been investigated. Heteroaggregation of oppositely
charged colloids have found importance in the destabilization of colloidal suspensions. Even
with extremely stable suspension, only a small amount of an oppositely charged particle can
cause precipitation.15 The resulting aggregates and the kinetics of heteroaggregation have been
studied in some detail and have been found to be dependent on particle size.16-19
Unfortunately, the only way to access the heteroaggregation phase is through external
intervention (i.e., addition of particles of opposite charge to the solution). Similarly, the zeta
potential (i.e., the amount of charge) of a colloidal particle can only be varied by changing the
pH of the solution (therefore changing the ionization of a surface bound group). Because these
113

systems require the addition of and agent (particle or solution), they cannot be controlled in situ.
Therefore, new ways of addressing oppositely charged particles are needed.
In this appendix, a novel photocleavable self-assembled monolayer (SAM) has been
immobilized on a silica colloid that can change its charge by exposure to UV light. The charge
can be varied over a range of positive and negative zeta potentials at a single pH (pH 7).
Because the silica’s charge can be changed while the silica is in solution, novel applications may
be accessible. These applications include heteroaggregation by exposure to UV light, dispersion
of heteroaggregation by exposure to UV light, and spatial control of colloids on a surface
through photomask / UV light.

A.2

UV photocleavable SAM design
Photocleavable SAMs have recently been developed for controlling liquids within

microfluidic channels.20 Using the chemistry of a 2-nitrobenzyl group, Zhao and coworkers have
prepared hydrophobic surfaces that can be rendered hydrophilic via photopatterning. Using a
similar design scheme, a 2-nitrobenzyl containing SAM that changes from a positive (-NH2) to a
negative charge (-COOH) at pH 7 was developed (Figure 1). The initial synthesis of the

Figure 1. Design of silica particles that can undergo a UV light induced change of charge.
Originally, the silica is positively charged at pH 7 (z, NH2). Exposure to UV light cleaves the
2-nitrobenzyl group (z), which results in a negatively charged particle (z, COOH).
dimethylchlorosilane used for SAM formation is shown in Scheme 1.

Compound 1 was

prepared in 20.0 % yield by reacting 4-(Bromomethyl)-3-nitrobenzoic acid with an excess of
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undecylenic acid under basic conditions.

Compound 1 was then coupled with 4-tert-

butoxycarbonyl-1,6-hexanediamine using Castro’s reagent to give compound 2 in 27.5% yield.
Reaction of 2 with dimethylchlorosilane in the presence of Karstedt’s catalyst provided the final
SAM precursor. Unfortunately, the yields of the first two reactions were poor. This was
attributed to the order of the couplings reactions. Because several protecting groups for the
terminal amino were screened, compound 1 was used as a starting compound for a library of
amine protected SAM precursors. Unfortunately, the purification of compound 1 is not trivial
because several side reactions occur, including the coupling of two 4-(Bromomethyl)-3nitrobenzoic acids. Future work will couple 4-tert-butoxycarbonyl-1,6-hexanediamine to 4(Bromomethyl)-3-nitrobenzoic acid first and then later displace the benzyl bromide functionality
with undecylenic acid.
Scheme 1. Synthesis of 2-nitrobenzyl containing SAM precursor.
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Immobilization of SAM precursor on silica
The SAM precursor 3 was immobilized onto dried silica particles (~1 µm diameter) in

toluene with triethylamine as an acid scavenger (Scheme 2). The resulting silica was washed
with toluene and methylene chloride and then re-dispersed in a 1 : 10 trifluoroactic acid :
methylene chloride mixture and vortexed for 30 min. After washing with methylene chloride the
silica (SAM-NH3+) was washed with benzene and lyophilized.
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Scheme 2. Immobilization of photocleavable SAM on silica particle.
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A.4

Probing surface charge with varying UV exposure time
Dispersed SAM-NH3+ solutions (4.0 mg⋅mL-1) were prepared in 0.1 M HCl by vortexing

and sonicating in an eppendorf tube. Samples were exposed to UV light from a Black-Ray UV
lamp for times varying from 0.5 – 40 min. The suspensions were washed (centrifuge-decantvortex) with 0.1 M HCl and DI water (pH 7) and then re-suspended in DI water (pH 7). A small
amount of the resulting solutions were diluted to ~0.01 mg⋅mL-1 and analyzed via
microelectrophoresis. A plot of zeta potential versus UV exposure time is shown in Figure 2.
The zeta potential varied asymptotically from +26 mV (0 min) to -60 mV (40 min). These
results show the silica zeta potential can be controlled by simply changing the UV exposure time.
The elemental composition of SAM-NH2 before (blue) and after 40 min (red) of UV exposure
was obtained via X-ray photoelectron spectroscopy (XPS, Figure 3). As shown in Figure 3, the
nitrogen 1s photoelectron peak decreases substantially after UV exposure. This result is in
agreement with productive photocleavage and loss of amino and nitro groups. Quantification of
the C,N,O in the samples were 52.6 % C, 2.8 % N, and 44.6 % O for SAM-NH2 before UV
exposure and 45.7% C, 0.2% N, and 54.1% O after 40 min exposure. These data suggest that
~92% of the nitrogen had been removed from the silica after 40 min of UV exposure.

116

900
850

15

800

0
0

10

20

-15

30

40

N(E)

Zeta Potential (mV)

30

750
700

-30
650

-45
600
411

-60

406

401

396

391

Binding Energy (eV)

UV Exposure Time (min)

Figure 2 (left). Zeta potential of SAM-NH2+ after varying UV exposure times. The particle’s
charge can be controlled between +26 and -60 mV at pH 7.
Figure 3 (right). XPS of the nitrogen 1s photoelectron. SAM-NH3+ exposed to UV light for 40
min (red) contained ca. 92% less nitrogen than SAM-NH3+ not exposed to UV light (blue).

A.5

Heteroaggregation and UV heteroaggregation disruption via UV light
Because the zeta potential of the silica could be varied between positive and negative, the

ability to reverse aggregation by treatment with UV light on a sample was tested (Figure 4). For
these studies, rhodamine-labeled silica particles (negative charged, 16 mg) were dispersed in 150
µL of pH 7 DI water. While vortexing, a suspension of SAM-NH3+ in pH 7 DI water (20 mg in
150 µL) was added dropwise. The formation of an aggregated state was evident once the first
drop of SAM-NH3+ reached the rhodamine-labeled silica solution. The resulting solution was
transferred to a vertical tube (Figure 4, bottom-left) and the colloids were allowed to settle.
Confocal scanning microscopy was used to observe the structural evolution in the bottom layer
of the sedimented colloids (Figure 4, middle-left). In the figure, the red colored spheres are the
rhodamine-labeled silica and the green spheres are SAM-NH3+. The colloids were observed in a
highly aggregated state that was not packed efficiently. The resulting structures are similar to
those reported previously,15-18 and is assumed to be oppositely charged silica particles that have
daisy chained together to form large clumps of colloids. A second colloidal assembly was
prepared in the same way as described above; however after aggregation occurred, the sample
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was exposed to UV light for 40 min. Even after ca. 5 min of UV exposure the aggregated
solution was more dispersed suggesting that the SAM-NH3+ was being converted to SAMCOOH and therefore stabilizing the colloidal assembly. The confocal images of the resulting
sediment showed a highly dispersed layer suggesting that all of the colloids in the system had
been converted to a net negative charge (Figure 4, middle-right). The packing efficiency of the
colloidal mixtures can also be visualized by looking at the macroscopic sedimentation. The

Figure 4. The left images show the heteroaggregation of rhodamine-labeled silica (negative
charged, red spheres) with SAM-NH2 (initial positive charge). Confocal microscopy
(middle) and a digital image of the suspension (bottom) show that the colloids are highly
aggregated and not dense. After exposure to UV light for 40 min, the colloids are suspended
freely because all particles are negatively charged. The resulting confocal microscopy and
digital images show a highly dispersed and highly packed assembly.
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packing efficiency of the heteraggregated suspension was not dense (Figure 4, bottom-left) in
comparison to the UV exposed silica (Figure 4, bottom-right).

A.6

Conclusions and future outlook
A novel silica-based photocleavable SAM has been developed for controlling colloidal

charges in situ. The technique is beneficial because 1) the zeta potential of the particle can be
varied between positive and negative in a controlled manner, 2) the change in particle charge is
accomplished without physical intervention with the system, and 3) the dependence on UV light
may allow photopatterning of colloids on surfaces (Figure 5). Through a similar process to that
shown in figure 5, asymmetrically charged silica particles may be attainable by preparing a
monolayer of silica and then shining UV light on the sample. One side of the particle should be
preferentially cleaved and negative while the back side of the silica will be not be as affected by
the UV light and remain positively charged. Such particles may have utility for the direct self
assembly of colloidal materials. Similarly, self assembly of compound 3 on a flat glass slide
would allow the patterning of surface charge for complex mixing within microfluidic channels or
selective immobilization / cleavage of molecules such as peptides, etc.

Figure 5. Potential colloidal patterning via UV patterning. Initially SAM-NH3+ would be
attracted to a negatively charged glass surface. After exposure to UV light, the SAM-NH3+ is
converted to a positively charged particle that no longer is attracted to the surface. Washing
with pH 7 DI water should remove photocleaved SAM-NH3+ leaving a pattern of residual
colloids.
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A.7

Experimental section
Materials and methods. Undecylenic acid (Aldrich), 4-(Bromomethyl)-3-nitrobenzoic

acid

(Aldrich),

Benzotriazole-1-yl-oxy-tris-dimethylamino)-phophonium

(BOP,

CHEM-

IMPEX), Karstedt’s catalyst ((platinum-divinyltetramethyldisiloxane), Aldrich) and 4-tertbutoxycarbonyl-1,6-hexanediamine

(Acros)

were

used

without

further

purification.

Dimethylchlorosilane (Aldrich) was distilled prior to use. UV exposure was accomplished using
a Blak-Ray long wave ultraviolet lamp Model B 100 AP. Zeta potential measurements were
taken with a Malvern Zetasizer 3000.

1

H NMR spectra were obtained on a Varian Utility 500

MHz spectrometer. Chemical shifts are expressed in parts per million (δ) using the residual
solvent peak as the internal standard.
O
O
OH

O2N
O

3-Nitro-4-undec-10-enoyloxymethyl-benzoic acid (1). Undecylenic acid (5.31 g, 28.8
mmol) was dissolved in 60 mL HMPA. NaOH (1.15 g, 28.8 mmol) was dissolved in H2O (0.5
mL) and added to the undecylenic acid and stirred for 30 min. 4-(Bromomethyl)-3-nitrobenzoic
acid (1.0 g, 3.8 mmol) was dissolved in 15 mL HMPA and added to the reaction mixture and
stirred for 2 h. The mixture was poured into 150 mL of 5% HCl and extracted with ethyl acetate
(2 X 150 mL). The organic layer was extracted with water (6 X 80 mL), dried with MgSO4 and
concentrated. Further purification was accomplished by silica gel chromatography by using two
solvent systems. A 8:1 hexane : ethyl acetate mixture was used to remove excess undecylenic
acid and then a 97:3 ethyl acetate : methanol mixture was used to elute the product (0.334 g, 20.0
%). Rf= 0.3 (95:5 ethyl acetate : methanol). 1H NMR (500 MHz, CDCl3 in ppm): δ = 1.29-1.38
(12 H, b.m.), 1.66 (2 H, m), 2.03 (2 H, q, J = 7.3 Hz), 2.44 (2 H, t, J = 7.5 Hz), 4.95 (2 H, m),
5.57 (2 H, s), 5.80 (1 H, m), 7.71 (1 H, d, J = 7.8 Hz), 8.33 (1 H, d, 7.5 Hz), 8.79 (1 H, s).
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O
O

O

H
N

O2N

N
H

O

O

Undec-10-enoic acid 4 –[6-tert-butyoxycarbonylamino-hexylamino)-methyl]-2-nitrobenzyl ester (2). Compound 1 (0.712 g, 2.0 mmol, only 70% pure) and BOP (0.99 g, 2.24
mmol) were dissolved in 30 mL methylene chloride and stirred for 20 min.

4-tert-

butoxycarbonyl-1,6-hexanediamine (0.49 g, 2.24 mmol) was then added to the mixture followed
by triethylamine (0.21 g, 0.28 mL, 2.1 mmol). The mixture was stirred for 15 h and then purified
by silica gel chromatography using a 3:2 hexane : ethyl acetate mixture to give 0.316 g product
(27.5 %). Rf = 0.33 (3:2 hexane : ethyl acetate). 1H NMR (500 MHz, CDCl3 in ppm): δ = 1.281.51 (25 H, b.m.), 1.66 (4H, m), 2.02 (2H, q, 6.4 Hz), 2.42 (2H, t, 7.9 Hz), 3.14 (1H, b.s.), 3.46
(2H, q, 6.7 Hz), 4.94 (2H, m), 5.54 (2H, s), 5.82 (1H, s), 6.86 (1H, b.s.), 7.66 (1H, d, 8.0 Hz),
8.15 (1H, d, 8.2 Hz), 8.54 (1H, s).
O
Cl

Si

O

H
N

O2N
O

11-(Chloro-dimethyl-silanyl)-undecanoic

acid

O
N
H

O

4(6-tert-butyoxycarbonylamino-

hexylcarboamoyl)-2-nitro-benzyl ester (3). Compound 2 (0.276 g, 0.49 mmol) was added to
dry toluene (6.0 mL) and heated to 50 °C to help solubilize the compound. After the solution
was homogeneous, it was cooled to room temperature and dimethylchlorosilane (0.29 g, 0.34
mL, 4.9 mmol) was added under argon. To this solution was added Karstedt’s catalyst (10 µL)
and the reaction was stirred for 12 h. The solvent was removed by vacuum and the resulting
solid was not further purified.

1

H NMR (500 MHz, CDCl3 in ppm): δ = 0.40 (6H, s), 0.82 (2H,

t, 8.3 Hz), 1.27-1.52 (25H, b.m.), 1.66 (4H, m), 2.43 (2H, t, 7.4 Hz), 3.16 (1H, t, 6.1 Hz), 3.47
(2H, q, 6.3 Hz), 5.54 (2H, s), 6.80 (1H, b.s.), 7.67 (1H, d, 8.1 Hz), 8.15 (1H, d, 8.0 Hz), 8.54
(1H, s).
Assembly of Compound 3 on silica (silica-BOC). Silica particles (0.35 g, ~7.5 X 10-6
mol –OH, 1 µu diameter) were dried under vacuum at 120 °C for 15 h. Compound 3 (15 mg,
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0.023 mmol) and triethylamine (15 µL, 0.11 mmol) were dissolved in dry toluene (4.0 mL) and
added to a vial containing dried silica and stirred for 48 h. The mixture was transferred to 1.5
mL eppendorf tubes and washed (vortex-centrifuge-decant) with toluene (2 X 1 mL), methylene
chloride (2 X 1 mL), benzene (1 X 1mL) and lyophilized in benzene.
Deprotection of BOC protecting group (SAM-NH2).

Silica-BOC (0.175 g) was

weighed into a 1.5 mL eppendorf tube and dispersed in a 10:1 methylene chloride :
trifluoroacetic acid mixture. The silica was vortexed for 30 min and then washed with methylene
chloride (2 X 1 mL), benzene (2 X 1 mL) and lyophilized in benzene.
Photocleavage of silca-NH2 (SAM-COOH). SAM-NH2 (2 mg) was weighed into a 600
µL eppendorf tube and dispersed in 0.1 M HCl (0.5 mL). The eppendorf tube was then placed
one inch from a Blak-Ray long wave ultraviolet lamp and exposed to light for x min. The
resulting silica was washed with 0.1 M HCl (2 X 0.5 mL), pH 7 DI water (2 X 0.5 mL) and then
re-dispersed in pH 7 DI water.
Microelectrophoresis. Zeta potential measurements were taken with a Zetasizer by
dispersing a silica sample in pH 7 DI water at a concentration of ~0.01 mg⋅mL-1.

Five

measurements were taken for each silica sample with a five second relaxation time.
Aggregation with rhodamine-labeled silica. SAM-NH2 (20 mg) was dispersed in pH 7
DI water (0.15 mL) in an eppendorf tube. In a separate eppendorf tube, rhodamine modified
silica (16 mg, rhodamine-silica) was dispersed in pH 7 DI water (0.15 mL). The SAM-NH2
sample was transferred to a 10X75 mm culture tube and vortexed while adding the rhodaminesilica solution dropwise. The resulting solution of aggregated silica was transferred to a vertical
tube for sedimentation and confocal microscopy.
UV induced stabilization of SAM-NH2 / rhodamine-labeled silica aggregate. An
aggregated SAM-NH2 / rhodamine-silica sample in pH 7 DI water was prepared as described
above. The aggregated solution was transferred to a 600 µL eppendorf tube and exposed to UV
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light for 40 min. The resulting suspension was transferred to a vertical tube for sedimentation
and confocal microscopy.
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